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ABSTRACT OF THESIS 
 
 
EFFECT OF SILICA NANOCONFINEMENT OF LIPID BILAYERS ON ITS 
PHASE TRANSITION AND ON THE COLLOIDAL STABILITY OF SILICA 
NANOPARTICLES 
 
In this work, we incorporated 4-(N-Boc-aminometyl) phenylboronic acid (BA), 
at different concentrations, into 1,2-dipalmitoyl-sn-glycero-3- phosphocholine (DPPC) 
bilayers confined within nanopores of two different mean pore diameters of 7.4 nm and 
11.7 nm of micron sized silica particles. The confinement of DPPC into nanopores 
resulted in the depression in the main phase transition temperatures compared to the 
liposomal system. The addition of BA was found to induce disruptions in the acyl 
chains of the lipid molecules at all concentrations of the solute. The lipid bilayer 
cooperativity was found to be higher in the confined systems compared to the liposomal 
systems despite the presence of higher disorder in the hydrophobic acyl chains in the 
former as suggested by lower main phase transition temperatures. The partition 
coefficient of BA within the bilayers of DPPC was found to be higher in liposomal 
systems in comparison to the confined systems. The differences in mean pore sizes of 
the micron sized silica did not result in any significant differences in the partitioning 
behaviour of BA within DPPC.  The results helped us understand the partitioning of 
BA in systems in which DPPC was confined into silica nanopores relative to DPPC 
liposomes. The knowledge of the behaviour of boronic acid in confined systems can 
help us in designing biomimetic systems, with optimum concentrations of the 
embedded molecule, to serve the purpose of separation of compounds from dilute 
aqueous solutions.  
 
Subsequently, the method of evaporation deposition was used to fill the pores 
of silica nanoparticles with 1,2-dipalmitoyl-sn-glycero-3- phosphocholine (DPPC)  and 
assess the effect of increasing the mass ratio of lipid to silica nanoparticles on the zeta 
potential and colloidal stability of the nanoparticles. An increase in the mass ratio 
resulted in observable reductions in magnitudes of zeta potential of the resulting 
nanoparticles compared to bare silica nanoparticles. Lipid enveloping of pore filled 
silica nanoparticles results in zeta potentials comparable to that of DPPC liposomes. 
The reductions in zeta potentials of the lipid filled silica nanoparticles were 
hypothesized to be the result of several isolated lipid bilayers covering the exterior 
 
 
surface of the nanoparticles, besides filling the nanopores. The complete assessment of 
colloidal stability of the system necessitates obtaining of information regarding the 
changes in hydrodynamic diameters and the settling behaviour, with extended time 
periods, of the lipid filled particles in conjunction with the obtained values of zeta 
potential of the system. The determination of the optimal amount of lipids that can be 
deposited into the silica nanopores would enable the designing of systems involving 
extraction and sensing of highly lipophilic molecules from dilute solutions. 
 
Keywords: Silica nanoconfinement, 1,2-dipalmitoyl-sn-glycero-3- phosphocholine 
(DPPC), Differential Scanning Calorimetry (DSC), Boronic acid Partition coefficient, 
Zeta potential, Colloidal stability 
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Chapter 1: Background  
 
1.1 Ordered mesoporous silica materials 
 
Metal oxide nanoparticles are often synthesized by a process called the sol-gel 
process because this method allows excellent control of particle size, pore size 
distribution and morphology by systematic tuning of reaction parameters.[1]. The steps 
involved in the synthesis are hydrolysis, followed by condensation, formation of a solid 
matrix (by gelation or precipitation), aging, and drying[2] (See Figure 1 below). The 
process of hydrolysis usually involves nucleophilic attack of alkoxide precursors by 
water molecules in either acidic or basic media. The hydrated silica molecules 
subsequently participate in condensation reaction with other silica molecules to form a 
three-dimensional gel network. The condensation of silica molecules leads to the 
formation of nucleation of clusters which could then grow by addition of small 
oligomers or aggregate in solution depending on the balance of colloidal forces[2]. 
Depending on the synthesis conditions (especially pH), a sample-spanning gel or 
dispersed particles may be the product.  The process of aging serves to continue with 
the polycondensation of silica species with a concomitant increase in the strength of the 
gel [3]. The density and viscoelastic properties of this gel are greatly dependent on the 
particle size and the extent of cross-linking. Hydrolysis and condensation reactions are 
acid and base catalysed, and are generally thought to proceed by substitution reactions, 
although several viable detailed mechanisms have been proposed. (See Figure 1 for the 
illustration of the reactions). Since the Chapter 2 of the thesis involves formation of 
micron-sized silica nanoparticles with an acidic catalyst, an explanation of the 
fundamental mechanisms involved is relevant. When hydrolysis involves catalysis by 
acidic groups, the alkoxide bond is protonated and the rate determining step is found to 
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be the nucleophilic addition of the water molecule, onto the silicon atom, which 
acquires a partial positive charge due to the electron cloud shifting towards the 
protonated oxygen in the alkoxide molecule, followed by the subsequent departure of 
the alcohol molecule[4]. This reaction is also found to be first order with respect to the 
concentration of water in those acidic conditions. The condensation progresses by the 
attack of hydronium ion onto the silanol group followed by the formation of a siloxane 
bond between the protonated and unprotonated silanol groups [5].  In Chapter 3, the 
formation of silica nanoparticles occurs via a base-catalyzed mechanism. Generally, the 
rate of hydrolysis in such a system is increased with an increase in concentration of the 
base. The Si atom in this case is attacked by a more nucleophilic hydroxyl ions. The 
process of condensation between the hydroxyl ions of two silanol groups or ethoxyl 
groups, formed during hydrolysis, takes place again in the form of a nucleophilic attack 
by the hydroxyl ions [6].  
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Figure 1:An illustration of the hydrolysis and condensation reactions involved in sol-
gel synthesis. Note that only one of up to four reactive Si-OR or Si-OH groups is shown. 
Adapted from Righini, Giancarlo C., and Andrea Chiappini.[7] 
 
 
1.2 Surfactant templating for ordered mesoporous silica 
 
Templating, in the case of formation of mesoporous silica nanoparticles, is the 
process by which an organic species co-assembles with inorganic oxide-based moieties 
resulting in the formation of an ordered structure[8]. The organic species, a surfactant 
in this thesis, is also called a Structure Directing Agent (SDA)[9] . Self-assembly of 
surfactants occurs above their critical micelle concentration (cmc) and results in the 
formation of cylindrical or spherical micelles. A further increase in the concentration 
leads to formation of various mesophases such as lamellar, hexagonal, cubic, for 
example. [10].  The interactions occurring between the inorganic (silica precursors) and 
the organic (surfactant) species is dependent on the pH of the medium. A pH of the 
medium above the isoelectric point (IEP) (above pH 2.0) of the silica results it being 
negatively charged, thereby providing a driving force for co-assembly with either 
 
4 
 
positively charged or neutral surfactants via electrostatic or hydrogen bonding 
interactions, respectively[11]. (See Figure 2 for the templating mechanism) . The 
removal of the SDA results in the formation of an ordered porous structure in which 
the geometry and connectivity of the self-assembled organic species are retained by the 
inorganic matrix[12]. 
Generally, nanoparticle synthesis involves creation of several nuclei followed 
by growth. Independent occurrence of these steps could be desirable so as to prevent a 
broad particle size distribution due to multiple nucleation events. The occurrence of 
agglomeration of nanoparticles is highly probable and its reduction is necessary for a 
stable colloidal solution of silica nanoparticles[13] . Pluronic F127, a non-ionic triblock 
copolymer, for example,  can be used to prevent agglomeration by attaching itself to 
cationic surfactant-silica complexes, thereby arresting further particle growth leading 
to narrowly distributed 50 nm diameter particles [14]. The Stöber method, in which  
tetraalkyl silicates are hydrolysed in a solution containing ethanol and ammonia as a 
catalyst, is one of the effective methods used to synthesize monodisperse silica 
nanoparticles[15]. Since its initial development, various modifications have been made, 
which involve inclusion of surfactants[16, 17], changing solvent compositions[18] etc. 
One of the proposed mechanisms involved in generating mesoporous materials involves 
initial formation of clusters by hydrolysis and condensation of silanol monomers of 
tetraalkyl silicates, followed by reaction of remaining silica precursors upon existing 
silanol groups on the surface of silica nanoparticles[6]. The latter step could be 
contributing towards the generating high levels of monodispersity among the 
nanoparticles. The pore formation, as we have discussed above, requires the presence 
of surfactants. Several researchers have found that the organization of surfactant 
micelles occurs radially at the interface of the silica nanoparticles formed[2, 19, 20].  It 
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is hypothesized by some researchers that the radial orientation of the micelles begins at 
the Ia3d cubic (MCM-48) seeds[21, 22]. However, there has also been evidence 
suggesting that cubic seed formation  does not take place and that emanation of radial 
orientation takes place from the surface[2].  
The control of pore size of the nanoparticles has been found to be influenced by 
many factors, which include increasing the chain length of the SDA or by the addition 
of an auxiliary molecule such as 1,3,5-trimethylbenzene which solubilize at the 
hydrophobic core of the SDA thereby leading to an increase in the micellar 
diameter[23] . It has been found that larger micelles (achieved using larger SDAs or 
micelles swollen with additives)  leads to larger self-assembled structures (for example, 
larger micelle molecules or micelles swollen with additives)[24].  Aging at elevated 
temperature has also been shown in some systems to lead to the increases in pore size. 
For example, in the case of silica nanoparticle synthesis involving a non-ionic 
polyethylene oxide (PEO) block and alkoxide silica precursor, an increase in 
temperature is believed to weaken the hydrogen bonding between them. This causes the 
size of the head group of the micelles to decrease, causing the reduction in the micellar 
curvature. The increasing temperature will also lead to the increase in the size of the 
hydrophobic portion of the micelles, which ultimately determines the pore size of the 
nanoparticles formed [25]. This phenomenon of micelle swelling by hydrothermal 
aging is used in Chapter 2 of this thesis to synthesize Santa Barbara Amorphous 
material (SBA) Spheres (SBAS) with a 5-10 micron particle size and pore sizes of 5-
12 nm diameter by varying temperatures from 60 to 120 °C.  
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Figure 2:(a)Overview of a synthetic approach to the mesoporous silica formation by 
assembly of surfactants into micelles followed by addition of silica precursors to form 
a mesostructured network Removal of the surfactant template leads to a mesostructured 
porous silica material. Adapted from Swar, S. et al. [26]. ;(b) Overview of a synthetic 
approach to the mesoporous silica formation by nucleation and growth of seeds 
followed by addition of silanol monomers and the orientation of surfactant 
micelles(brown in color) at the silica -solution interface . Removal of the surfactant 
template leads to a radially oriented mesostructured porous silica material. Adapted 
with permission from Han, Y., et al [6].  
1.3 Lipid bilayers and its properties  
 
Biological membranes play an important role in controlling the transport of ions 
and nutrients into cells[27]. In general, they are composed of complex mixtures of lipid 
bilayers, solvation modifiers such as cholesterol, and proteins. The lipid bilayers, which 
are a “two-dimensional fluid” [28] within the membrane, are self-assembled structures 
of lipid molecules with consist of hydrophilic head groups and a hydrophobic tails. 
There is a spontaneous arrangement by which the hydrophobic tails are shielded from 
the water molecules and the hydrophilic heads are exposed to the water molecules [29].  
The lipid bilayer acts as a barrier to the flow of many molecules such as water, ions and 
other aqueous solutes by ensuring that only a limited amount of them pass through the 
cell membrane[30]. The presence of carrier proteins and channel proteins incorporated 
within the bilayer allows for controlled transport of molecules such as carbohydrates 
and ions such as Na+, K+ across the membrane[31]. (See Figure 3 for an illustration of 
a lipid bilayer membrane).This system is being mimicked in Chapter 2 by incorporating 
boronic acid into bilayers of 1,2-dipalmitoyl-sn-glycero-3- phosphocholine (DPPC) 
bilayers to bind and transport carbohydrates. Such a system has been previously 
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experimented with by Zhou et al. [32] to observe the permeability of solutes such as 
glucose, xylose and cellobiose through the bilayers  
 
 
 
 
 
 
(a)                                                                            (b). 
Figure 3:Illustration  of a typical biological membrane. (a) In the absence of membrane 
proteins, minimum to no transport;(b) In the presence of membrane proteins, transport 
of nutrients occurs. 
 
 
1.4 Types of lipid bilayers investigated in this thesis 
 
1.4.1 Liposomes 
 
Liposomes are spherical vesicles consisting of one or more bilayers which 
separate an internal aqueous solution core from an external medium [33]. The method 
of preparation of liposomes can be adjusted to obtain liposomes of different size and 
number of lipid bilayers. If a dry lipid film is hydrated in a vigorous manner at a 
temperature which lies above the phase transition of the lipid, we normally expect to 
get multilamellar lipid vesicles (MLVs). These are characterized by several concentric 
lipid bilayers and they display a range of sizes from  0.5-10 µm [34].  Large unilamellar 
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vesicles (LUVs) of sizes varying from 100 nm to 500 nm are obtained upon extrusion 
of MLV’s through a porous polycarbonate membrane [35]. In this thesis, we will be 
making liposomes of sizes less than 200 nm, which will be generated upon extrusion of 
liposomes through polycarbonate filters. On the other hand, small unilamellar vesicles 
(SUV’s) exhibiting diameters lesser than 50 nm are obtained upon sonication of MLV’s 
in either a bath-type sonicator or a probe sonicator [36]. Traditionally, liposomes are 
used as drug delivery agents due to several favourable properties which include: low 
toxicity, several possible routes of administration, their ability to encapsulate wide 
variety of drugs, and  the possibility of surface modification for biocompatibility or 
targeting[37, 38].  The stability of liposomes is affected by several factors such as 
hydrolysis due to buffer species. The presence of a buffer species is usually found to 
speed up the process of hydrolysis, which is usually attributed to the presence of protons 
and hydroxyl ions[39]. The changes in liposome sizes due to processes such as 
aggregation and fusion is strongly dependent on the composition of the medium and 
the pH[40, 41] [42]. In this thesis, the liposomes of DPPC have been synthesized using 
polycarbonate filters of 200 nm pore diameter and are dispersed in a Phosphate  Buffer 
Saline (PBS, pH 7.4). 
With regards to the stability of the DPPC liposomes, Armengol and 
Estelrich[42] reported that the polydispersity index (PDI) of unilamellar vesicles, which 
is an indication in this case of the extent of aggregation of the liposomes under study, 
increased to more than twice its original valueupon keeping the liposomes at room 
temperature for close to seven days. However, at 50 °C, which is above the main phase 
transition of the lipid, the jump in PDI to twice the value took more than 30 days. The 
presence of cholesterol resulted in prolonged stability by ensuring lower tendencies to 
aggregation. However, in this thesis, we carry out the experiments on liposomes on the 
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same day, obviating any concerns about issues with excessive liposomal aggregation. 
Since the Chapter 2 of this thesis partly involves incorporation of phenylboronic acid 
(BA) in liposomes of DPPC, it is important to have an idea about how stability of 
liposomes in the presence of solutes within the bilayer affects its stability. In the case 
of introduction of α,β,γ cyclodextrins(CD), the mean size of DPPC vesicles, in  the 
presence of CD at a molar ratio of 7:1 of CD to DPPC liposomes, resulted in between 
2.5-20 fold increase in the size compared to DPPC vesicles [43]. However, introduction 
of polymers which are derivatives of polyvinyalocohol (PVA) were shown to reduce 
the extent of aggregation of vesicles. However, the aggregation was observed for a 
period of 20 days and there was no noticeable change in vesicle sizes for a period of 
one day, except for α-CD’s . It is also important to know the extent of leakage of 
embedded carrier molecule in the presence of an external medium. It is desirable to 
ensure minimum leakage of the carrier medium so as to improve the transport 
properties[44]. In this regard, the research done by Kokkona, Maria, et al.[45] 
demonstrated that the release of carboxyfluorescein (CF),embedded in DPPC 
liposomes, was dependent on the composition of the medium( pancreatin, 10 mM 
sodium cholate and 10 mM sodium taurocholate). The release in most cases was around 
40% for pancreatin and 80-100% for sodium cholate and sodium taurocholate for an 
incubation period between 0-5 hours. However, the presence of cholesterol in the DPPC 
matrix was found to drastically reduce it to levels below 40%. However, boronic acid 
is shown to be extremely lipophilic in DPPC and is shown to be miscible with the lipid 
bilayers and the presence of additives to ensure minimum leakage of the molecule was 
not required[44]. 
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1.4.2 Supported lipid bilayers 
 
 A supported lipid bilayer (SLBs) consist of a planar lipid bilayer which is 
supported on a solid surface like mica, glass[46]. The hydrated polar head groups of the 
first monolayer of the lipid are in contact with the solid support and the hydrocarbon 
chains of the same monolayer come in contact with the chains of the second 
monolayer[27]. One of the mechanisms if formation of SLBs, called vesicle fusion, 
involves the adsorption or fusion of the lipid vesicles on the surface, which is then 
followed by their deformation, flattening and rupture[47]. Some of the advantages 
enjoyed by the SLBs over liposomes are their increased stability and easier 
characterization by a variety of surface techniques in comparison to free-floating 
vesicles[48]. One of the major drawbacks of using such systems is the closeness of the 
incorporated molecules and the solid surface, thereby leading to issues with mobility of 
the components embedded within the membrane. Tethered lipid bilayers are sometimes 
used to circumvent this problem. In this system, there is either a layer or a spacer 
molecule lying in between the lipid bilayer and the solid support. This is usually 
achieved by different methods such as addition of a polymer film, self-assembled 
chemically-modified lipids on solid surface, spacer lipid fusion on surfaces[49]. The 
preparation of SLBs on mesoporous silica supports has been one of the techniques 
investigated to ensure incorporation of molecules such as proteins within the lipid 
bilayer matrix [50-52] Additionally, such an arrangement also permits the ability to 
access the internal pore volumes from the surface of the lipids[50]. Compared to non-
porous surfaces, SLBs on mesoporous supports have an added benefit of the presence 
of enhanced fluidity of bilayers[43]. However, pore confined lipid bilayers, which are 
discussed in Section 1.4.3, offer an added advantage compared to traditional supported 
bilayers due to higher resistance observed to the uncontrolled flow of molecules, which 
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is a critical requirement for carrier mediated transport through biomimetic membranes 
[32]  
1.4.3 Pore-confined lipid bilayers 
 
 The confinement of DPPC lipid bilayers into pores of silica nanoparticles was 
carried out by Schlipf et al.[53] and Zhou et al. [32]  using the method of evaporation 
deposition. This involves addition of lipid molecules into the pores of silica 
nanoparticles using chloroform as a solvent. The lipid can be deposited within the pores 
by removing the organic solvent through the application of vacuum.  Lipid assemblies 
then are formed in the pores by subsequently carrying out rehydration.  
 The experiments conducted by Schlipf et al. [53] demonstrated the 
incorporation of DPPC lipid bilayers within mesoporous particles with pore diameters 
of 5.4 and 9.1 nm (see Figure 4(b))  However, at a pore diameter of 3.0 nm, the lipid 
only formed at the surface of the silica nanoparticles (see Figure 4(b)).  Also, 
diffusivity values were measured by fluorescence recovery after photobleaching 
(FRAP) and found to be similar both at the surface and inside the pores of lipid-filled 
particles. The results show that the there is no significant effect on lipid mobility upon 
pore confinement compared to that on the surface of the particles.  
 Zhou et al. [32]  used this system to measure the permeabilities of compounds,  
consisting of glucose, xylose and cellobiose, through a membrane system consisting of  
boronic acid incorporated within the DPPC bilayers filled within pores of silica 
membranes deposited on aluminium oxide supports. Boronic acids have been used 
extensively in research applications as carrier molecules for separation and sensing [54] 
of molecules such as glycoproteins [55, 56] and  saccharides [57] due to their ability to 
form reversible covalent bonds with 1,2- and 1,3-diols by accepting a lone pair of 
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electrons from Lewis bases [58]. The parameters such as pH and temperature of the 
system were varied and the  permeability of the molecules measured. Specifically, the 
permeabilities of the compounds at 59 mol% of boronic acid with respect to DPPC was 
investigated. However, this concentration was found to nearly eliminate the main phase 
transition of DPPC. It is desirable to incorporate boronic acid in lesser amounts such 
that main phase transition of DPPC, involving rearrangement of lipid bilayers from gel 
to fluid phase, is existent. In this thesis, boronic acid is incorporated in smaller amounts, 
from 0 to 7 weight percentage (0 to 20 mole percentage) with respect to amount of 
DPPC, within DPPC bilayers confined within pores of micron-sized silica nanoparticles 
and liposomes of DPPC. The thermal phase transitions of the resulting samples will be 
analysed using Differential Scanning Calorimetry (DSC) discussed in Section 1.5. For 
pure DPPC liposomes, the value of the main phase transition temperature is found to 
be around 42.50C[59, 60]. From the depression of the main phase transition 
temperature, we determine the differences in partitioning coefficient of boronic acid 
within DPPC in the form of liposomes and confined in nanopores of micron-sized silica 
nanoparticles. 
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                                                                           (b) 
Figure 4:(a) Schematic of pore confinement of DPPC within silica nanopores. Adapted 
from Zhou et al.[44]; (b) Lipid diffusivity as a function of pore size and the position 
within the pore. The figure is reproduced with permission from (Schlipf et al.[52]). 
1.5 Differential Scanning Calorimetry(DSC) details  
 
Differential Scanning Calorimetry (DSC) has been widely used, for instance for 
biological molecules like lipids and proteins, to measure thermodynamic properties 
which arise due to phase transitions occurring due to application of heat [61, 62]. In 
general, a DSC unit consists of a sample cell and a reference cell. In a power 
compensation unit, the temperature in both cells is independently controlled and 
monitored by ensuring a steady rate of increase of temperature. At a thermal transition 
temperature, the sample cells require more or less heat in comparison to the reference 
cell to maintain the same cell temperature. The difference in the heat required is used 
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to measure the heat flow[63]. In the heat flux DSC, both the sample and reference cells 
are connected to a heat flow circuit such as a metal disk and the temperature of both the 
cells is varies linearly with respect to time. However, at a thermal transition 
temperature, the temperature of the reference cell continues to increase in comparison 
to the sample cell. To maintain the same temperature of the sample cell, extra heat flux 
is required by the sample cell to match the temperature of the reference cell. The heat 
of a phase transition is measured as a peak (either endothermic or exothermic) on the 
DSC thermogram[64]. (See Figure 5 below for the schematic of the DSC) 
Here, DSC is used to investigate thermal transitions in lipid bilayers in vesicles, 
at the surface of particles, or confined within nanopores.  In lipid bilayers, two phases 
which are usually found are the gel and the fluid phases. In the gel phase (Lβ’ or Lβ), 
also known as the solid-ordered (So) phase, there is an ordered hexagonal [65] 
arrangement of lipids. It is also a phase in which low lipid mobility is observed due to 
the van der Waals interactions between the hydrocarbon chains, thereby leading to a 
highly ordered packing of the lipids[66]. The fluid phase or the liquid-disordered (Lα or 
Ld) phase is commonly associated with higher molecular mobility in comparison  to the 
gel phase, thereby resulting in increased fluidity of the cell membrane[67]. The 
temperature at which such a transition occurs from the gel phase to the fluid phase is 
termed as the thermotropic phase transition temperature (Tm), which is usually 
determinable using the DSC technique and is largely dependent on the nature of the 
acyl chains of the lipid bilayers[68]. In the case of phosphatidylcholines, there exists a 
transition termed as the pre-transition temperature, which lies a few degrees below the 
main phase transition. This pre-transition during heating results in some degree of 
ordering of the lipid chains to form a ripple phase[69] from a flat membrane and is 
dependent on the interactions between the lipid head groups and the solvent 
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surrounding them[70]. In this thesis, we will explore the changes in main phase 
transition temperatures of the lipid 1,2-dipalmitoyl-sn-glycero-3- phosphocholine 
(DPPC) upon confinement in pores of silica nanoparticles using this technique. The 
confinement of DPPC will result in possible interactions between the silica surface and 
the polar head groups of DPPC, which could result in the temperature shifts. Also, the 
shift in main transition temperatures upon addition of a boronic acid derivative into 
DPPC bilayers will be measured. The addition of boronic acid is expected to cause a 
disruption in the hydrophobic acyl chains of DPPC, thereby leading to a possible shift 
in the temperature at which the gel phase of the lipid transforms into a fluid phase phase.  
 
 
 
 
 
 
 
Figure 5:Schematic of the heat-flow Differential Scanning Calorimetry (DSC). 
1.6 Zeta potential 
 
Zeta potential measures the potential difference between the medium of a 
dispersion and the stationary layer of fluid close to the particle surface [71, 72]. The 
stationary layer contains ions which have a charge which is opposite to that of the 
surface of the particles with which they are associated [73]. The layer which is in direct 
association with the surface of the particles is termed as the Stern layer, which is further 
Heater 
Furnace Sample Pan Reference  Pan 
Temperature 
Controlling Unit 
DSC output 
He
at
 fl
ow
 
Temperature 
 
17 
 
surrounded by ions loosely attached to the Stern layer called the “diffuse ion layer”. 
These layers form an electric double layer (EDL). The boundary between the strong 
interactions ions in the diffuse layer and that in the bulk is called the slipping plane[74]. 
The potential at the surface of the particle is called the surface potential and at the 
slipping plane is the zeta potential. The surface potential keeps reducing in magnitude 
as the distance from the surface increases. The researchers sometimes also refer to the 
potential at the Stern layer as the zeta potential[75].  See Figure 6 below for a schematic 
of the electric layer on the particle surface.  
When an electric field is applied to the particle dispersion, the charged particles 
move towards the oppositely charged electrode. The zeta potential is deduced by 
measuring the electrophoretic mobility (μe) of charged particles under the application 
of this electric field.  This is calculated using the knowledge of the particle velocity and 
the strength of the electric field. The particle velocity is determined using Dynamic 
Light Scattering (DLS). In this case, the laser incident on the mobile particles has a 
frequency which is different from the original frequency. This shift in the frequencies 
is proportional to the velocities of the particles.   If the size of the EDL is much smaller 
in comparison to the particle radius, then the zeta potential is calculated based on the 
Helmholtz-Smoluchowski (HS) equation, which is given below: 
μe =
𝜀𝜀𝑟𝑟𝜀𝜀0𝜁𝜁
𝜂𝜂
  (Equation 1) 
where εr = relative permittivity/dielectric constant, ε0 = permittivity of vacuum, ζ = zeta 
potential,  and η = viscosity at experimental temperature[76].  
Zeta potential is a widely used property for determination of the surface charge 
of nanoparticle dispersions [73, 77], which is in turn related to their stability in 
suspensions [78]. Generally, if ζ is more than 30 mV or less than -30 mV, the particles 
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are considered to be electrostatically stabilized in a suspension [79, 80]. Table 1 lists 
general guideline for how the zeta potential values correlate with particle stability when 
dispersed particles are not indefinitely stable. For charged particles, stability against 
van der Waals attractive forces comes from repulsive forces due to the presence of a 
charges of the same sign on the surface of the nanoparticles [81]. The zeta potential, 
and thereby the colloidal stability of the particles can be changed by varying pH and 
the ionic strength of the solution[79]. Increasing ionic strength by salt (such as NaCl) 
addition is known to cause aggregation of silica nanoparticles beyond a certain 
threshold concentration [82].  The hydroxyl-terminated surfaces of oxides such as silica 
are amphiprotic, gaining protons at low pH to form Si-OH2+, and losing protons at high 
pH to form Si-O-.  With an increase in pH of the solution above the isoelectric point 
(pH of 2-4 depending on the preparation route) of the silica nanoparticles, they become 
more negatively charged. This leads to a corresponding negative zeta potential of the 
nanoparticles[83].  
Typical values of  zeta potentials reported in literature for silica nanoparticles 
in solutions containing low concentrations of NaCl are around -45 mV[84-86]. Also, 
the concentration and the type of the electrolyte used could also destabilize particle 
dispersions by reducing the thickness of the electrical double layer. An addition of 
different type of salts such as NaCl, CaCl2, MgCl2, and BaCl2 causes aggregation of 
silica nanoparticles [84]. There have been some studies conducted on assessing the 
effects of ionic strength, pH and the ratio of amount of lipid to silica nanoparticles on 
their colloidal stability[86-88]. In a set of experiments carried out by Moura and 
Carmona-Ribeiro [86] on deposition of zwitterionic phospatidylcholine (PC) bilayers 
on silica nanoaprticles, it was found that a higher ionic strength promotes an increase 
in affinity of the PC vesicles for the particles. The resulting zeta potentials were reduced 
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in magnitude compared to the bare silica nanoaprticles. However, no significant settling 
of particles was observed even after 48 hours at an ionic strength of 150mM. The 
stabilization of PC enveloped silica nanoparticles is a possible consequence of the 
presence of hydration forces which are more dominant than the electrostatic repulsive 
forces at particle separations within 20 Angstroms and is found to be a very significant 
force especially for two zwitterionic lipid bilayers coming close together[89].  In this 
thesis, we will be analysing the effect of lipid filling  within 8 nm on the zeta potential 
of silica nanoparticles in comparison to bare mesoporous silica nanoparticles, with a 
goal of interpreting their colloidal stability. 
Table 1:Stability behavior of colloids based on zeta potential values. Reproduced with 
permission  from Kumar, and Dixit [89] 
 
Zeta potential value(mV) Stability Behavior 
0 to ±5 Flocculation or coagulation 
±10 to ± 30 Incipient stability 
±30 to ±40 Moderate Stability 
±40 to ±60 Good stability 
Greater than ±60 Excellent stability 
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Figure 6:A schematic of the electric layer of the surface of silica nanoparticles. Below, 
the graph of surface potential with respect to the distance of the particle from the 
surface. The image is adapted with permission from Selvamani, Vijayakumar[73] 
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Chapter 2: Effect of nanoconfinement in silica pores and boronic acid 
incorporation on the phase transition of lipid bilayers  
 
2.1 Introduction 
 
Mesoporous silica nanoparticles have received immense attention over the 
recent years[90-92].  Their advantages for applications in separation, catalysis, and 
biomolecule loading are their uniform and tunable pore sizes [93], large surface areas 
and pore volumes [94]. This has led to its utilisation for several applications such as 
drug delivery and biomedical [95, 96], and biosensing[97]. Lipid bilayers coated on the 
surfaces of silica nanoparticles have been used as nanocarrier systems due to their 
improved biocompatibility and biological functionality [98]. Lipid coated particles are 
supported lipid systems, which are formed on the surfaces by the process of rupturing 
of lipid vesicles assisted by the presence of electrostatic interactions between the lipids 
and the hydrophilic silica nanoparticles[99].  The enhanced biological functionality of 
such systems is a result of the amphiphilic nature of the lipid bilayers enabling the  
encapsulation of both hydrophilic and hydrophobic components into the bilayer 
environment [98]. Also, the ability of the lipids to self- assemble into  structures 
mimicking the biological cell membranes provides the motivation to develop 
biomimetic membrane models[100]. Much research has taken place involving loading 
of molecules into nanopores, followed by a lipid coating so as to enhance uptake of 
silica nanoparticles by cells in the body [101, 102]. Fluorescent lipid coated 
nanoparticles can be used in target specific cells for molecular imaging and cell 
tracking[103].  
The effect of confinement of molecules within pores of mesoporous materials 
has been explored by several groups [104]. Various authors demonstrate increased rates 
 
22 
 
of reaction occurring within pores with dimensions closer to that of the molecule size, 
for example, the oligomerization of 1-butene[105] or acetalization of cyclohexanone 
with methanol [106]. Transition metal oxides, which find applications in energy 
conversion and storage, catalysis, sensing, adsorption and separation [107], have been 
found to attain stability  within the channels of SBA-15 silica nanoparticles after 
executing a controlled one-pot synthesis of mesoporous silica nanoparticles involving 
block copolymers (surfactants), silica precursor tetraethyl orthosilicate and the 
corresponding metal nitrites of the transitional oxides. This is followed by the 
calcination and pyrolysis to remove surfactants and metal nitrite. The stability is 
thought to be a result of the favourable interactions between the -O- group of the block 
copolymers and the metal ions in the process of self-asssembly [108]. The pore 
functionalization of silica nanoparticles has shown to result in increased immobilization 
of enzymes due to the presence of hydrogen bonding between the silanol groups and 
the enzymes. The confinement also results in high levels of stability to external stimuli 
such as increases in temperature compared to free enzymes[109].  
The changes in melting point, upon confinement into pores of silica 
nanoparticles, has been explored by several researchers for various molecules such as 
drugs and ionic liquids compared to their unconfined molecular state [110-113]. 
Differential Scanning Calorimetry (DSC) has been used to quantify these thermotropic 
properties[112, 114, 115]. For example, the loading of a poorly water-soluble drug 
carbamazepine into nanopores of SBA-16 resulted in the reduction of endothermic 
melting peak compared to its free form. A similar reduction, for a drug Rufinamide, 
was attributed to the restriction in the crystalline structure of the drug due to reduced 
pore sizes [116]. In contrast, in the case of ionic liquids, confinement into nanopores 
has shown to result in increase in melting points [113] [117] [118, 119] for some cases 
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and decreases for others[120-122]. This is controlled by the interactions between the 
cations and anions present in the liquid [117]. For example, the assembling of the ionic 
liquid [Emim]Br within the pores leads to its compression. This leads to an increase in 
the coulombic forces of attraction between the C-H cation and the Br anion, thereby 
resulting in stabilization and a corresponding  increase in melting point [118]. The 
melting points of ionic liquids are also found to be pore size dependent, as evidenced 
by the experiments conducted on pore confinement of [Emim]Br within porous silica 
nanoparticles having pore sizes of 3.7 nm and 7.1 nm. The melting points were observed 
to be 88oC and 105 oC, respectively, relative to a melting temperature of 83oC in the 
bulk environment [113]. With regards to the depression in melting point of ionic liquids 
upon confinement in nanopores, it was found that the confinement of ionic liquid 
tributylhexadecylphosphonium bromide (P44416Br) within silica nanoparticles of 
average pore size of 3.7 nm resulted in the depression of melting point by around 8oC 
in comparison to its bulk form[122]. In general, the depression is attributed to the 
decrease in mobility of the cations at the interface upon confinement 
Boronic acids have been used extensively in research applications as carrier 
molecules for separation and sensing [54]. They form reversible covalent bonds with 
1,2- and 1,3-diols by accepting a lone pair of electrons from Lewis bases [58]. This 
property of boronic acids has been used for separations of wide class of compounds 
such as glycoproteins [55, 56] and  saccharides [57]. The ability of carrier molecule to 
remain localized in the medium in which it is embedded is of immense importance 
during separation applications. Boronic acids, incorporated into liquid membranes, 
have been used by several researchers to demonstrate transport and separation of 
saccharides [31, 123, 124]. However, the carrier has been shown to leach out of the 
membranes into the aqueous phase, resulting in low sugar fluxes [124, 125]. The use of  
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lipid bilayers or liposomes for separations has first been reported for metal ion 
separations [126] and protein purification [127]. Smith [128] subsequently investigated 
the use of boronic acid in liposomes for sugar sequestration. The efflux of glucose from 
the liposomes was demonstrated with the addition of boronic acid into the system. 
Similarly, the influx of these sugars into the liposomes was also shown.  
 The lipid bilayers of 1,2-dipalmitoyl-sn-glycero-3- phosphocholine (DPPC) 
have been confined in the pores of silica particles by Schlipf et. al[53]. In this 
investigation, the lipid mobilities across all the positions (at the core, mid-core and the 
surface) of the micron-sized nanoporous particles are similar. This indicated the 
possibility of incorporation of small lipophilic molecules mimicking biological 
membrane separations in lipid-filled nanopores. Zhou et al. [32]   synthesized 
nanoporous silica thin film membranes with accessible pores on a macroporous 
anodized aluminium oxide (AAO) support.  DPPC lipid bilayers were incorporated into 
9 nm silica pores using solvent evaporation and rehydration, in the absence and 
presence of 4-(N-Boc-aminometyl) phenylboronic acid (BA) embedded in the bilayers. 
This system, used to test the ability of separation of saccharides such as glucose, xylose 
and cellobiose, was found to be a promote the flux of saccharides.  In the absence of 
boronic acid, lipid filled pores provide a better barrier to small hydrophilic molecules 
than lipid bilayers that span the surface of the silica nanopores. However, to the best of 
our knowledge, there has been no study which examines the effect of increasing 
concentration of solute molecules on the structure of lipid bilayers in nanoconfinement.  
This knowledge would be important to designing nanoconfined lipid bilayers with 
embedded biomimetic carrier molecules. 
 In this work, we quantify the effect of phenyl boronic acid incorporation in 
DPPC bilayers on their gel to fluid phase transition, as measured using Differential 
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Scanning Calorimetry (DSC). This phase transition in lipid filled micron-sized silica 
particles, with nanopores of mean diameter 7.4 nm and 11.7 nm, are compared to free 
liposomes. Changes in the phase transition temperature were used to determine the 
partition coefficient of phenylboronic acid in both liposomes and nanoconfined lipid 
systems. 
2.2  Experimental Section 
 
2.2.1 Materials 
 
Polyethylene oxide (PEO)- polypropylene oxide (PPO)-PEO triblock 
copolymer (P123, average Mn ~5,800), cetyltrimethylammonium bromide (CTAB, 
≥99%)  potassium phosphate buffer tablets, chloroform (≥99%) were purchased from 
Sigma Aldrich;  Ethanol (anhydrous) was purchased from VWR; 4-(N-Boc-
aminometyl) phenylboronic acid (BA, 97%) was purchased from Frontier Scientific.; 
1,2-dipalmitoyl-sn-glycero-3- phosphocholine (DPPC, >99%) was purchased from 
Avanti Lipid; polycarbonate membrane filters of pore size 0.2μm (200 nm) and 
diameter 25mm were purchased from GE Healthcare-Whatman 
2.2.2 Synthesis of spherical mesoporous silica particles 
 
Spherical mesoporous silica particles SBAS (Santa Barbara Amorphous Silica) 
were prepared using the procedure of Schlipf et al. [53] Initially, 0.465 g of CTAB was 
dissolved in 20 mL of deionized water. The mixture was then added to 3.10 g P123. 
This solution was placed at room temperature and stirred vigorously while 7.8 mL of 
200 proof ethanol and 45.9 mL of 1.5 M HCl were added to it. After the P123 was seen 
to be completely dissolved, 10 mL of TEOS was slowly added drop by drop. The 
solution mixing was carried out for 2 hours. At the end of 2 hour period, the solution 
was poured into a Parr 4748 Teflon lined vessel- which had been kept prior to its usage 
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at the hydrothermal aging temperature between 60°C and 120°C. The solution was kept 
at the desired temperature in an oven for 3 days. After a 3 day period, the solution was 
removed from the vessel and mixed at a high speed till a homogeneous solution was 
obtained. After homogenization, it was filtered and rinsed with deionized water. After 
filtration, the sample was placed into a single walled Whatman cellulose extraction 
thimble, with the surfactants removed using Soxhlet extraction with 200 mL of 200 
proof ethanol over 24 h. The pore diameter (5 – 12 nm) increases with an increase in 
the hydrothermal aging temperature (60°C -120°C). This is confirmed using 
measurements by nitrogen adsorption.  
2.2.3 Materials Characterization using BET 
 
Pore diameter and surface area were measured from nitrogen adsorption 
measurements (Micromeritics Tristar 3000) conducted at -196 °C . Samples were 
degassed at 120 °C for a minimum of 4 hours under flowing nitrogen gas before 
analysis. Specific surface area was estimated using the Brunauer, Emmett, and Teller 
(BET) isotherm and the pore diameter was estimated as the peak in the pore size 
distribution calculated by the method of Barrett, Joyner, and Halenda (BJH) using the 
adsorption curve of the nitrogen adsorption– desorption isotherm.  
2.2.4 Materials characterization using Scanning Electron Microscopy (SEM) 
 
SEM instrument (Hitachi S-4300) was used to characterize the surface 
morphology of mesoporous silica nanoparticles. The silica particles were placed on a 
carbon tape. The particles on the tape were dispersed using a duster spray. The silica 
particles were sputter coated in a gold palladium alloy prior to carrying out the imaging.  
2.2.5 Fourier transform infrared spectroscopy (FTIR) 
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 To confirm the presence of silica along with the removal of surfactants such as 
P123 and CTAB, the particles were characterized using a ThermoNicolet Nexus 470 
spectrometer equipped with a narrowband liquid nitrogen cooled mercury cadmium 
telluride (MCT) detector. Potassium bromide was mixed with around 1.0 percent by 
weight of silica particles using a pestle and mortar. The pellet was pressed and the 
spectrum was taken. Each spectrum was collected at a resolution of 4 cm-1 and 250 
scans with IR beam incident perpendicularly through the film.  
 
2.2.6 Preparation of liposomes containing boronic acid  
 
  To make a mixture of DPPC/BA, 5mg DPPC and 4-(N-Boc-aminometyl) 
phenylboronic acid (BA), with BA weight percentages varying from 0% to 7% wrt 
DPPC, were dissolved in 1 mL CHCl3 and sonicated for 5 minutes. The above mixture 
was then blow-dried with nitrogen and was further dried overnight.  To form bilayers, 
the dried lipid was rehydrated in 1 mL PBS solution above the DPPC phase transition 
temperature and sonicated at 47°C for 1 hr. The sample was then sonicated for another 
15 minutes while cooling to 30°C. 1 mL of the above solution was then extruded 
through a polycarbonate membrane, of pore size of 200 nm, a total of 21 times till a 
clear solution of DPPC liposomes was obtained.   
2.2.7 Boronic acid (BA) immobilized lipid filled silica particle preparation 
through evaporation deposition 
 
 To make a mixture of DPPC/BA, 20mg DPPC and 4-(N-Boc-aminometyl) 
phenylboronic acid (BA), with BA weight percentages varying from 0% to 7% wrt 
DPPC, were dissolved with 1 mL CHCl3 in a plastic vial and sonicated for 5 minutes. 
10 mg silica particles were then immersed in the chloroform solution and sonicated for 
25 minutes.  The above mixture was then blow-dried with nitrogen and was further 
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dried overnight.  To form bilayers, the dried lipid inside the silica particles was 
rehydrated in 1 mL PBS solution above the DPPC phase transition temperature and 
sonicated at 47°C for 1 hour. The sample was sonicated for another 15 minutes while 
cooling to 30°C. The excess lipid was removed by washing the silica particles with PBS 
thrice.  
2.2.8 Confocal microscopy 
 
 To label the lipid and boronic acid, 1mL of boronic acid immobilized lipid 
bilayer filled particles were mixed with 1mL of 1 mM Alizarin red S (ARS) on a shaker 
for 30 min. The samples were then washed with PBS three times and imaged within 2 
hours of preparation using a Leica TSP SP5 confocal microscope. Experiments were 
performed using a 63x/1.4 oil immersion objective. ARS-BA complex was excited at 
514 nm for imaging and emission was collected between 580 nm and 620 nm. 
2.2.9 Differential Scanning Calorimetry (DSC) 
 
 DSC was used to confirm the formation of lipid bilayers within silica particles 
by measuring the gel to fluid phase transition temperature of pore confined DPPC 
bilayers. Following the preparation of lipid bilayers within particles, particle 
suspensions were centrifuged at 1,000*g to form a small pellet. The pellet was 
transferred into a DSC sample pan. Thermograms were run on a TA Instruments MC 
DSC between 25ºC and 55ºC at a ramp rate of 1ºC/min and returned to 25ºC at a cooling 
rate of 1ºC/min. The heating cycle was repeated once again from 25ºC to 55ºC at the 
same ramp rate. The determination of all the thermoanalytical properties was done 
using the Universal Analysis software.   
 
 
 
29 
 
2.2.10 Calculation of solute partition coefficient 
 
 The apparent partition coefficient of the phenylboronic acid between the bulk 
aqueous phase and the DPPC membrane bilayer, Km/w was calculated as shown in the 
equation[129] given below: 
−Δ𝑇𝑇𝑚𝑚 =
𝑅𝑅∗𝑇𝑇𝑚𝑚2
ΔH𝐷𝐷𝐷𝐷𝐷𝐷𝐷𝐷
∗ 𝐾𝐾𝑚𝑚/𝑤𝑤
55.5+C𝐷𝐷𝐷𝐷𝐷𝐷𝐷𝐷∗𝐾𝐾𝑚𝑚/𝑤𝑤
𝐶𝐶𝑠𝑠            (Equation 2.1) 
 
where ΔTm is the change in melting temperature with the addition of phenylboronic 
acid compared to the pure DPPC lipid bilayers, Tm is the melting temperature of pure 
DPPC (315 K), ΔHDPPC is the phase transition enthalpy (31.4 kJ/mol)[130], R is the gas 
constant, K m/w, the membrane-water partitioning, CDPPC is the lipid concentration and 
Cs is the concentration of the boronic acid in the bulk solution. The equation assumes 
that the depression in Tm (or ΔTm) being in proportion to the amount of phenylboronic 
acid in the bulk solution. The membrane partition coefficient is determined from the 
equation using a linear regression of ΔTm versus boronic acid concentration in the bulk 
solution, Cs, using Equation 2.2   
𝐾𝐾𝑚𝑚/𝑤𝑤 =
55.5∗𝑀𝑀
𝑅𝑅∗𝑇𝑇𝑚𝑚2
ΔH𝐷𝐷𝐷𝐷𝐷𝐷𝐷𝐷
  −C𝐷𝐷𝐷𝐷𝐷𝐷𝐷𝐷∗𝑀𝑀
       (Equation 2.2) 
Linear regression was carried out between ΔTm and Cs to determine the mean value of 
slope M. The error in the slope accounts for the upper and lower bounds of the 95% 
confidence interval for the slope. The values for Km/w and log10(Km/w)(See Table 6) 
were determined by error propagation using the upper and lower bounds of the 95% 
confidence interval determined by linear regression.  
 
 
30 
 
2.3 Results and discussion 
 
2.3.1  Characterization of SBAS micron-sized silica 
 
The diameters of the ordered pores formed of the SBAS particles can be 
modified using the hydrothermal aging temperature. Pores are templated from P123 
and cetyltrimethylammonium bromide (CTAB) in the aqueous synthesis sol, where the 
hydrophobic cores of the pore templates expand with increasing aging temperature, 
creating larger pore diameters [131]. In this study, hydrothermal aging temperatures of 
90 °C and 110°C resulted in mean pore diameters of 7.4 and 11.7 nm, as determined by 
the Barrett- Joyner-Halenda (BJH) method. The scanning electron microscopy (SEM) 
indicated the formation of near spherical particles that are on the order of 10 microns 
in diameter. (See Figure 7).  The table below (Table 2) provides the surface area and 
the pore size distribution of the synthesized particles. The nitrogen adsorption isotherm 
(see Figure 8) indicates that the adsorption of nitrogen onto the pore capillaries follows 
a Type IV isotherm. This is evident from the fact that the initially, at lower relative 
pressure regions in the graph, we observe a relatively linear plot which corresponds to 
the adsorption of monolayers to multilayers of nitrogen. Eventually, pore condensation 
takes place at higher pressures. Also, one of the main features of such an isotherm is 
the presence of a plateau close to saturation pressure Po of the bulk liquid[132]. Such a 
trend in adsorption is usually observed for several class of materials, which include 
mesoporous materials having pore diameters in between 2-50 nm [133].  
FTIR was performed on the SBAS nanoparticles to verify whether the Sohxlet 
extraction resulted in the removal of surfactants P123 and CTAB. As can be seen in the 
Figure 9, the peak around 3500 cm-1 indicates the presence of intense broad O-H 
stretching vibration [134] This maybe the result of water which is hydrogen bonded to 
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the surface Si-OH groups of the silica matrix. The broad peak observed in between 
1000 cm-1 and 1200 cm-1 is indicative of an asymmetric Si-O-Si stretching[135]. The 
sharp peaks for -CH2 vibrations, which are generally observed between 2800cm-1 and 
3000 cm-1[134], are absent. This indicates the success of the Sohxlet extraction process 
for the removal of the organic surfactant template.  
 
 
 
 
 
 
 
  
Figure 7:Scanning electron microscopy (SEM) image of SBAS micron-sized silica of 
mean pore size 7.4 nm, synthesized at 90 oC. 
 
 
Table 2:Surface area and pore size distribution of SBAS micron-sized silica 
 
 
Sample Synthesis 
Temperature (oC) 
Surface Area 
(m2/g) 
Pore Diameter 
(nm) 
SBAS-90 90 789 7.4±1.5 
SBAS-110 110 509.8 11.7±2.5  
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                                                                     (a) 
 
 
 
 
 
                                                                        (b) 
 
Figure 8: (a) Pore size distribution of SBAS micron sized particles prepared at 90oC 
and 110 oC; (b) Adsorption isotherm of SBAS micron-sized particles 
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Figure 9: FTIR spectra of SBAS micron-sized silica particles mean pore size 7.4 nm, 
synthesized at 90 oC. 
 
2.3.2 Characterization of lipid filled particles 
 
The estimation of the maximum amount of DPPC lipid bilayers which could be 
localized within the silica nanopores was carried out with the help of the knowledge of 
partial molar volumes of DPPC bilayers. In an experiment conducted by Miyoshiet 
al.[136] on the determination of molar volumes of DPPC mixed with cholesterol at 
various weight fractions, it was found out that the specific volume of DPPC at a 
temperature of 450C (above the phase transition temperature of DPPC) was close to 
1.025g/cm3. The pore volume of the synthesized SBAS particles, which were close to 
1.84 cm3/g and 1.97 cm3/g for micron-sized particles prepared at 90 oC and 110 oC, 
respectively and determined using BET technique, was used in conjunction to 
determine the maximum theoretical amount of DPPC which resulted in 20 mg of DPPC 
per 10 mg of SBAS micron-sized silica.  
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In order to check the filling of the boronic acid incorporated lipid bilayers of 
DPPC within the silica nanopores, confocal laser scanning microscopy was employed. 
This technique enables the imaging of lipids within the porous supports[53]. Confocal 
microscopy enables excitation of one point in the sample and the fluorescence emission 
from those points lying out of focus of the laser is blocked by a pinhole before the 
detector captures it. Subsequently, the whole surface, at a depth of interest, is scanned 
to give us a two-dimensional construct of the fluorescent molecules within the 
particles[137]. Typically, the thickness of the DPPC lipid bilayer is around 3-5 
nm[138]. The fact that the bilayer thickness is less than the mean pore diameters 
indicated by nitrogen adsorption measurements suggests that the method of evaporation 
deposition could result in assembling of lipid bilayers within the pores. The Alizarin 
Red S(ARS) forms a complex with the boronic acid, which can be called an ARS-BA 
complex.  Figure 10 below shows the fluorescence emission of the ARS-BA complex 
at a certain depth below the surface of the particle. This could suggest the success of 
the confinement of DPPC lipid bilayers within the pores of the SBAS particles via 
evaporation deposition. This observation is also corroborated by the works done by 
Schlipf et. al[53] and Zhou et al. [32], in which they carry out confocal microscopy to 
ascertain the confinement of lipid bilayers of DPPC within silica nanopores having 
sizes greater than the thickness of the lipid bilayers. 
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Figure 10:Confocal microscopy image of boronic acid incorporated lipid filled silica 
nanoparticles. The red colour is due to the ARS-BA complex formation. The SBAS 
micron-sized silica particles have a mean pore size 7.4 nm and synthesized at 90 oC. 
BA (1% by weight of DPPC) was incorporated in 20mg of DPPC along with 10 mg of 
SBAS micron-sized silica and ARS was used.  
 
The gel to fluid phase transition and pre-transition temperatures of DPPC lipid 
bilayers were measured as a function of the addition of boronic acid (from 0-7 weight 
%) in lipid pore filled silica nanoparticles and liposomes. The pure DPPC melting 
temperature or main phase transition temperature (Tm) in liposomal systems is 
characterized by an endothermic peak at 42.79°C (Figure 11(a)). The corresponding 
onset (To) and full width at half maximum (FWHM) are recorded at 42.23 °C and 
1.37°C, respectively.  The pure DPPC pretransition exists in the temperature range of 
36.47 °C  (Table 3). The measurements are in close agreement with published values 
for DPPC liposomes [59].The main phase transition is the process by which the gel-
    3 μm 
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phase or the ordered phase of the lipid, having less mobility, is transformed into a 
disordered fluid phase possessing higher mobility compared to the  gel phase[66] [67]. 
The onset temperature, in the case of lipids, is the intersection of the tangent drawn 
from the baseline of the DSC curve and the leading edge of the endothermic portion of 
the DSC curve. The FWHM is the width of the phase transition peak at half the height 
between the baseline of the DSC curve and the point at which the peak of the phase 
transition occurs[139].  
The pure DPPC melting temperature or main phase transition temperature (Tm) 
in pore confined systems, synthesized at 90°C and 110°C, is characterized by an 
endothermic peak at 41.67°C and 41.51°C respectively. Figure 11 (b) and (c)).  The 
presence of this transition indicates that confined lipid bilayers exist in the 
nanoparticles.  The corresponding onset (To) temperatures are recorded as 40.44°C and 
40.56°C, respectively, and FWHM at 1.54°C and 1.57°C. The pretransition for this 
system exists in the temperatures of 33.2°C and 32.5°C respectively. (Table 4 and 5).  
The reduction of the main and pre-transition temperatures of confined DPPC relative 
to DPPC liposomes indicates that confinement affects the structure of lipid bilayers 
within the nanopores of the micron-sized silica.  
 The effects of confinement on lipid bilayers can be compared to confinement 
effects of non-ionic surfactants, whose structures closely resemble to that of lipids, 
within nanopores of silica. Müter, Dirk, et al.[140] investigated the effects of 
confinement of surfactant C12E5 within the nanopores of SBA-15 silica particles, having 
a mean pore diameter around 8.1 nm, at various filling factors of the surfactant with 
respect to the maximum amount that can be loaded into the nanopores. It was found 
that a filling factor closer to maximum loading resulted in  the formation of 
interconnected bilayer patches. However, the thickness of the surfactant layer found at 
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the pores was much lesser than that on flat surface, indicating a highly distorted or 
fragmented structure of the bilayer. A similar process of lipid bilayer formation within 
silica nanopores could be taking place, leading to distortion in the formation of the  
bilayers. Since the main phase transition temperature is dependent on the extent of 
cohesiveness of the acyl chains, a reduction in the main phase transition temperature 
upon confinement is quite likely a consequence of the disruption of the acyl chains.  
  
 
                                                                            (a) 
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                                                                              (b) 
 
                                                                              (c) 
 
39 
 
Figure 11: DSC thermograms of: (a) DPPC liposomes with boronic acid incorporated 
from 0 weight percent to 4 weight percent ; (b) DPPC bilayers confined within the pores 
of micron-sized silica (7.4 nm pore diameter) with the incorporation of boronic acid 
within the bilayers 0 weight percent to 4 weight percent; (c)  DPPC bilayers confined 
within the pores of micron-sized silica (11.7 nm pore diameter),  with the incorporation 
of boronic acid within the bilayers from 0 weight percent to 4 weight percent 
 
Table 3:A summary of various parameters obtained of the DSC thermograms for: (a) 
DPPC liposomes 
 
Concentration 
of BA (wt %) in 
DPPC 
Concentration 
of BA in bulk 
solution (mol/L) 
(*10-3) 
 
Pre-
transition 
temperature 
(oC) 
Onset 
Temperature
(oC) 
Main 
Transition 
Temperature
(oC) 
Full width at Half 
Maximum (FWHM) 
(oC) 
0 0 36.47 42.25 42.79 1.39 
1 0.21 34.95 41.43 42.29 1.79 
2 0.43   41.00 41.98 1.82 
3 0.65   39.95 41.45 2.33 
4 0.88   38.97 40.94 2.71 
5 1.10  38.02 40.37 2.77 
6 1.59  37.46 39.96 3.37 
7 1.83  36.80 39.32 3.46 
 
 
Table 4:A summary of various parameters obtained of the DSC thermograms for BA 
incorporated DPPC bilayers confined in SBAS micron-sized silica nanoparticles of 
mean pore size of 7.4 nm 
Concentration 
of BA (wt %) in 
DPPC 
Concentration 
of BA in bulk 
solution (mol/L) 
(*10-3) 
 
Pre-
transition 
temperature 
(oC) 
Onset 
Temperature
(oC) 
Main 
Transition 
Temperature
(oC) 
Full width at Half 
Maximum (FWHM) 
(oC) 
0 0 33.45 40.47 41.13 1.37 
1 0.85   39.36 40.90 1.75 
2 1.72   38.69 40.58 1.91 
3 2.61   38.74 40.37 2.12 
4 3.51   37.89 39.65 2.38 
5 4.44  36.84 39.20 2.55 
6 5.39  36.70 39.00 2.83 
7 6.35  34.90 38.25 4.59 
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Table 5:A summary of various parameters obtained of the DSC thermograms for BA 
incorporated DPPC bilayers confined in SBAS micron-sized silica nanoparticles of 
mean pore size of 11.7 nm 
 
The overall trend for the liposomal system is a decrease in main phase transition 
temperatures with an increase in concentration of boronic acid.  In general, the decrease 
in main phase transition temperatures is believed to be caused because of the disruption 
of acyl chains of DPPC due to the addition of BA, resulting in the reduction in the 
temperature for the transition from gel to fluid phase[141]. The continuously decreasing 
trends in both the systems demonstrate that the BA incorporation increases in the lipid 
bilayer matrix with increasing bulk BA concentration over the concentration range 
investigated. The effect of BA incorporation on the gel to fluid phase transition of 
DPPC liposomes is consistent with previous studies. For example, Ojogun et al.[141] 
studied the partitioning of a series of nicotinic acid esters (nicotinates) between aqueous 
solution and DPPC liposomes. An increased chain length of the hydrocarbon group of 
these compounds was found to elicit a more dramatic response with respect to the 
disruption of the hydrophobic acyl chains of DPPC. The partitioning of highly 
Concentration 
of BA (wt %) in 
DPPC 
Concentration 
of BA in bulk 
solution (mol/L) 
(*10-3) 
 
Pre-transition 
temperature 
(oC) 
Onset 
Temperature
(oC) 
Main 
Transition 
Temperature
(oC) 
Full width at Half 
Maximum (FWHM) 
(oC) 
0 0 31.19 40.56 41.51 1.12 
1 0.85  39.87 41.22 1.48 
2 1.72  39.33 40.96 1.67 
3 2.61  38.90 40.58 1.84 
4 3.51  38.58 40.01 2.01 
5 4.44  37.35 39.52 2.56 
6 5.39  37.49 39.00 2.15 
7 6.35  35.90 38.42 2.77 
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hydrophobic compounds, resulting in chain disruption, can be a highly entropically 
driven process as evidenced by the studies conducted by Avila and  Martinez[142] 
examining the partitioning of benzocaine (BZC) into bilayers of both DPPC and 
DMPC. In general, it was found that more energy is required to insert BZC in DPPC 
bilayers compared to DMPC, probably due to two more methylene groups present in 
hydrophobic chains of DPPC, resulting in higher van der Waals forces between the 
tails.  
The DPPC confined in silica nanoparticles have a lower pre-transition 
temperature compared to the liposomal systems in the absence of boronic acid. Also, 
the pre-transition temperature seems to be abolished at lower boronic acid concentration 
in DPPC confined systems compared to the liposomal systems. This pre-transition 
temperature involves change in the acyl chain orientation of the lipids from a tilted gel  
to a rippled one [143]. This translates into a possibility of stronger interactions involved 
between the head groups of DPPC and BA to effect such a change in orientation.  A 
stronger BA interactions with DPPC head groups in confined systems is thus probable, 
thereby abolishing pre-transitions at lower BA concentrations[144].  
The bilayer cooperativity is defined by changes to the uniform lipid arrangement 
during the bilayer phase transition and is affected by incorporation of solutes[141]. The 
values of Full Width at Half Maximum (FWHM) are being used to measure the 
cooperativity of the phase transitions.  In general, a cooperative unit in a lipid bilayer 
means that all the acyl chains undergo reordering while there is a transition from the 
gel phase to the fluid phase. There is an increase in the vibrational motion of the 
molecules as the transition temperature is approached. This is a cooperative action, 
thereby changing the orientation. The larger the cooperative unit, the narrower the 
phase transition temperature range[145]. The bilayer cooperativity in pore confined 
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systems is generally found to be higher compared to the liposomal systems. This is 
despite a higher disorder in the acyl chains of the confined systems, indicated by lower 
main phase transition temperatures, compared to the liposomal systems. Therefore, a 
lower value of the FWHM indicates higher levels of bilayer cooperativity.  
Table 6:Table determining the results of the linear regression of Equation 2.1. The 
slope M is calculated using Equation 2.2. In the table, BA in SBAS-90 denotes boronic-
acid incorporated DPPC micron-sized silica synthesized at 90oC and having mean pore 
size of 7.4 nm; BA in SBAS-110 denotes boronic-acid incorporated DPPC micron-
sized silica synthesized at 110oC and having mean pore size of 11.7 nm. Km/w denotes 
the octanol-water partition coefficient. 
 
System Slope(M) 
(K/molL-1) 
Km/w Log10(Km/w) 
BA in DPPC 
liposomes 
2100±100 9400±1100 3.98±0.05 
BA in SBAS-90 370±90 1250±530 3.09±0.18 
BA in SBAS-110 390±60 1370±350 3.13±0.11 
 
The octanol-water partition coefficient describes the hydrophobicity or the 
hydrophilicity of a compound, which might have implications ranging from 
environmental risk assessment to fate of chemicals in the environment[146]. In the 
current experiment, the logarithmic values of the partition coefficients were determined 
by the method elaborated in the Section 2.2.10. The logarithms of partition coefficients 
measured for liposomal systems were 3.97±0.05. Since the slopes of the depression of 
the melting temperature (ΔTm) as a function of bulk boronic acid (see Figure 12) were 
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used to calculate the membrane/water partition coefficients, a higher values of slopes 
correlates to higher values of partition coefficient. A greater depression in melting point 
also indicates increased ability of disruption of the acyl chains of the lipid by the 
molecules. The studies conducted by Xiang and Anderson [147] suggest that a lipid can 
be divided into regions in which the head group is an area of lower density compared 
to the lipid tails. The insertion of an aromatic foreign molecule, such as indole [147] 
and tryptophan [148], possessing polar functional group on one end, within the domain 
of lipid bilayers results in hydrogen bonding moieties with the head group of the lipids. 
In the case of insertion of phenylboronic acid within liposomes of DPPC, the hydroxyl 
atoms attached to the boron on one end could participate in hydrogen bonding with the 
oxygen atoms of the lipid head group. The remaining portion of the molecule consists 
of a phenyl ring with its other end attached to bulky hydrophobic substituents such as 
the oxygen atom of the ester attached to three methyl groups. This hydrophobic part of 
the molecule would have more affinity towards the lipid tails, which would result in 
their positioning closer to the centre of the bilayer. This could explain the increased 
melting point depression of liposomes upon addition of boronic acid. Such a possibility 
of different parts of a molecule partitioning within different regions of the molecule has 
been shown to take place in some studies. For example, in an experiment conducted by 
Neunert, G., et al.[149] on the incorporation of a vitamin tocopheryl glucapyranoside 
within lipid membranes of DPPC, it was found that the DL-α-tocopheryl β-glucoside 
portion of the molecule was found to lie in the interior of the membrane as per the 
molecular simulation studies. However, the sugar component of the molecule was 
found to be project out of the water-lipid interface of the membrane.  
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Figure 12: Melting point depression of DPPC upon boronic acid addition from 0 weight 
percentage to 4 weight percentage in : (a) Liposomal systems (blue); (b) boronic-acid 
incorporated DPPC micron-sized silica synthesized at 90 oC (BA-DPPC 90); (c) 
boronic-acid incorporated DPPC micron-sized silica synthesized at 110oC (BA-DPPC 
110) 
On the other hand, the logarithmic values of the octanol-water partition 
coefficients BA-incorporated lipid pore filled silica nanoparticles, synthesized at 90oC 
and 110 oC, are 3.09±0.18 and 3.13±0.11, respectively. This shows that the difference 
in pore sizes of the particles do not result in any observable differences in the partition 
coefficient of boronic acid within DPPC bilayers. However, compared to the liposomal 
systems, we find a reduction, of the logarithmic values of the octanol-water partition 
coefficients, by close to an order of magnitude. The decreases in the melting point 
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reduction with increasing boronic acid content within lipid bilayers confined in silica 
nanoparticles compared to liposomal systems could be possibly explained with the help 
of research conducted on the changes occurring in the lipid head group-water interface 
upon interaction with the silica nanoparticles. Studies conducted by Guzmán, E., et 
al.[150]  assessed the effects of adsorption of silica nanoparticles on the phase behavior 
of the monolayers of DPPC mixed with various compounds such as cholesterol [151], 
palmitic acid [152], and DOPC [153]. These studies revealed that the dispersion of 
hydrophilic silica nanoparticles within the monolayer matrix results in the disruption of 
the interfacial structure of the monolayers and the formation of partially hydrophobic 
nanoparticle-DPPC complexes. This is generally attributed to the electrostatic 
interactions between the positively charged choline group of DPPC and the negatively 
charged dissociated silanol groups of the silica nanoparticles[150]. In another study 
conducted by Chunbo, Yuan, et al.[154] in which the interactions between DPPC 
liposomes and the silica nanoparticles was studied. It was also inferred via this study 
that the electrostatic interaction between the positively charged choline groups and the 
negatively charged silanol groups leads to the disruption of the DPPC liposomes. The 
presence of hydrophobic complexes at the interface may result in boronic acid 
partitioning closer to the interface than in the region occupied by the acyl chains. 
2.4 Conclusion 
 In this work, we incorporated 4-(N-Boc-aminometyl) phenylboronic acid (BA), 
at different concentrations, into 1,2-dipalmitoyl-sn-glycero-3- phosphocholine (DPPC) 
bilayers confined within nanopores of two different mean pore diameters of micron 
sized silica particles. The higher temperature of synthesis of particles resulted in 
particles having higher mean pore diameters. The confinement of DPPC into nanopores 
resulted in the depression in the main phase transition temperatures compared to the 
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liposomal system. The addition of BA was found to induce disruptions in the acyl 
chains of the lipid molecules at all concentrations of the solute. The lipid bilayer 
cooperativity was found to be higher in the confined systems compared to the liposomal 
systems despite the presence of higher disorder in the hydrophobic acyl chains in the 
former as suggested by lower main phase transition temperatures. The partition 
coefficient of BA within the bilayers of DPPC was found to be higher in liposomal 
systems in comparison to the confined systems. The differences in mean pore sizes of 
the micron sized silica did not result in any significant differences in the partitioning 
behaviour of BA within DPPC.  The results helped us understand the partitioning of 
BA in systems in which DPPC was confined into silica nanopores relative to DPPC 
liposomes. The knowledge of the behaviour of boronic acid in confined systems can 
help us in designing biomimetic systems, with optimum concentrations of the 
embedded molecule, to serve the purpose of separation of compounds from dilute 
aqueous solutions.  
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Chapter 3: Effect of lipid pore filling on the colloidal stability of mesoporous 
silica nanoparticles  
 
3.1 Introduction 
 
Mesoporous silica nanoparticles are  ideal platforms for surface 
functionalization due to their high surface area and their tunable pore sizes [155, 156]. 
This has led to the utilization of mesoporous silica nanoparticles in applications such 
as drug delivery, biomedical materials[95, 96], and biosensing[97], to name a few. 
Lipid bilayers coated on the surfaces of silica nanoparticles have been used to  improve 
biocompatibility and biofunction of these systems as nanocarriers[98]. Much research 
has involved loading of molecules into nanopores, followed by a lipid coating so as to 
enhance compatibility and possibly uptake of silica nanoparticles by cells in the 
body[101, 102]. Fluorescent lipid coated nanoparticles can also be used in target 
specific molecular imaging and cell tracking[103].  
Most applications of lipid-coated nanoparticles require their colloidal stability.  
The presence of silanol groups on the particles results in them having strongly charged 
surfaces near physiological pH conditions leading to repulsion between them [157, 
158]. Zeta potential is the measure of the potential difference between the bulk 
dispersion medium and a stationary layer called the slipping plane, containing a high 
concentration of counterions (with a charge opposite to the particle surface) interacting 
relatively strongly with the surface of the particles[71, 159].  The values of the zeta 
potential for bare silica nanoparticles is highly dependent on the type of nanoparticles. 
For particles dispersed in deionized or pure water, reported values vary from -20 mV 
to -60 mV for various particle sizes [160-162]. Specifically, for a particular method of 
particle synthesis, such as the Stöber method, the mean particle diameter of 80 nm was 
found to have a zeta potential of -64 mV[160] and that of 100 nm was found to have a 
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value of -36 mV[161]. Some of the ways of altering the colloidal stability of bare silica 
nanoparticles are through the variation ionic strength[163, 164] and the pH[165-167] 
of the medium. An increase in ionic strength, which is a measure of the 
concentration[168, 169] and magnitude of charge [170, 171] of electrically charged 
species in solution, reduces the Debye length or the  thickness of the layer of 
counterions surrounding the charged particle[172]. A higher ionic strength results in 
better charge screening of the surface of the particles by the counterions which results 
in quicker drop in the surface potential as a function of the distance from the surface of 
the particle[173]. Therefore, a higher ionic strength tends to cause aggregation of silica 
nanoparticles and lower magnitudes of zeta potential. At a pH higher than the isoelectric 
point of silica (> pH 2.0) [11], on the other hand, results in higher dissociation or 
deprotonation of the silanol groups on the silica surfaces [83], thereby resulting in more 
negative zeta potential and better colloidal stability [174].  
The effect of coating a lipid bilayer on the surface of silica nanoparticles has 
also been investigated.  These studies have examined  the effects of ionic strength, pH 
and the ratio of amount of lipid to silica nanoparticles on their colloidal stability[86-
88]. Moura and Carmona-Ribeiro [86] studied the deposition of zwitterionic 
phosphatidylcholine (PC) bilayers up silica nanoparticles through vesicle fusion with 
the surface.  It was found that a higher ionic strength of sodium chloride (between 10 
mM to 150 mM) promotes an increase in affinity of the PC vesicles for the particles 
(sizes less than 200 nm), leading to better surface coverage. The resulting zeta potentials 
of the PC coated lipid bilayers were less in magnitude (around -18 mV) compared to 
the bare silica nanoparticles (around -45 mV). Moreover, an increase in concentration 
of the PC vesicles in solution (from 0.01 to 0.7mM), at a constant ionic strength of 150 
mM,  was found to have a stabilizing effect on the nanoparticles, as evidenced by the 
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relatively low levels of particle settling observed. The same ionic strength was found 
to cause sedimentation of the bare silica nanoparticles. An increase in pH of the medium 
was found to reduce the bilayer deposition. This was attributed to the possible reduction 
of hydrogen bonding between the phosphate moiety in the PC vesicles and the hydroxyl 
groups on the silica surface due to a greater number of dissociated silanol groups at 
higher pH. Moreover, a higher concentration of lipid vesicles coupled with high ionic 
strength in solution resulted in higher levels of colloidal stability. In another study 
conducted by the same authors[87] involving deposition of the cationic lipids 
dioctadecyldimethylammonium bromide (DODAB) and N-[1-(2,3-
dioleoyloxy)propyl]-N,N,N-trimethylammonium chloride (DOTAP) onto silica 
surfaces, it was found that mixing lipid films (films formed on glass surfaces after 
evaporating chloroform), instead of  already formed lipid  bilayers, with silica particles 
in solutions of low ionic strength (around 1mM of potassium chloride) resulted in 
causing favourable interactions between the lipids and the hydrophilic silica surfaces 
due to the lower levels of lipid bilayer digitation in the former method of bilayer 
deposition on the nanoparticle surfaces. Moreover, the electrostatic interaction between 
the cationic lipid and the negatively charged silica nanoparticle led to the adsorption of 
the cationic lipids on silica[88].  Also, in this experiment, it was also found that higher 
concentrations of the cationic lipids resulted in better colloidal stability, as evidenced 
by minimum sedimentation of lipid coated particles. The stabilization of lipid 
enveloped silica nanoparticles is a possible consequence of the presence of hydration 
forces which are more dominant than the electrostatic repulsive forces at particle 
separations within 20 Angstroms. It is found to be a very significant force especially 
for two zwitterionic lipid bilayers coming close together[89] 
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The process of lipid coating on silica nanoparticles by vesicle fusion involves 
adsorption, followed by deformation and  rupture of the vesicles [48, 99, 175].  Though 
such lipid-coated nanoparticles demonstrate some degree of robustness and stability, 
when used for the loading and release of small molecules, potential unwanted 
interactions of these cargo molecules may arise if embedded within the bilayer matrix, 
or through interactions with the solid substrate on which the bilayers are supported.  
This may cause hindrance in the intended function of the incorporated molecule. For 
example, the interactions of the proteins with the substrate is known to make them 
immobile and thereby hinder their functioning[175]. Additionally, the existence of pin 
hole defects has been confirmed using Atomic Force Microscopy (AFM), in the process 
of deposition of vesicles on hydrophilic solid supports [176]. 
Assemblies of the zwitterionic lipid dipalmitoylphosphatidylcholine (DPPC) 
have been confined in the pores of silica nanoparticles by Schlipf et. al[53], who 
reported that the lipid mobilities across all the positions (at the core, mid-core and the 
surface) of micron-sized silica nanoparticles having pore sizes close to 9 nm (greater 
than the thickness of the lipid bilayer) is similar. This indicated the possibility of 
incorporation of small lipophilic molecules into the lipid bilayers of nanoconfined pores 
to mimic biological membrane separations. Zhou et al.[32] carried out experiments 
demonstrating the filling of 10 nm pores of silica membranes, deposited upon porous 
supports of anodized aluminium oxide(AAO) pores, with DPPC along with the 
incorporation of a phenylboronic acid  derivative within the bilayer matrix. This system, 
used to test the ability to separate saccharides such as glucose, xylose and cellobiose, 
was found to be a better barrier to diffusion of small hydrophilic solutes compared to 
the lipid coated membranes. However, to the best of our knowledge, there has been no 
 
51 
 
study which tells us about how the inclusion of confined lipid assemblies affects the 
colloidal stability of submicron mesoporous silica nanoparticles.  
In this work, we investigate the effect of the ratio of  DPPC lipid to silica 
nanoparticles on the colloidal stability of lipid-filled nanoparticles of mean size less 
than 200 nm, where the lipid bilayers are deposited into pores of mean pore diameter 
close to 8 nm,  by the method of evaporation deposition. We compare the changes in 
the zeta potentials of the lipid filled particles in comparison to the bare silica 
nanoparticles. We aim to investigate whether the pore filling of lipids within particles 
has a similar effect in achieving colloidal stability as evidenced from lipid enveloping 
of silica nanoparticles.  The zeta potential measurements of the resulting particles will 
be analysed in a Phosphate Buffer Saline (PBS, pH 7.4) consisting of 137 mM sodium 
chloride, 2 mM potassium chloride, and 10 mM phosphate buffer. The results of this 
experiment could aid in the optimization of the amount of lipids which can be 
incorporated into nanopores for enhancing the colloidal stability of the system. 
Additionally, such a system could suggest potential applications for the extraction and 
sensing of highly lipophilic molecules from dilute solutions.  
3.2  Materials and Methods 
 
3.2.1 Materials 
Tetrapropyl orthosilicate (TPOS, 95%) and phosphate buffer saline (PBS) 
tablets were purchased from Sigma-Aldrich. Cetyltrimethylammonium bromide 
(CTAB, 99.8%) was purchased from MP Biomedicals; 1,3,5-triisopropylbenzene 
(TIPB, > 95%), triethanol-amine (TEA, > 98%) and from Alfa-Aesar; ultrapure 
deionized ultra-filtrated (DIUF) water, ethanol (200-proof), 12 N HCl (ACS grade) 
from Fisher Scientific; 1,2-dipalmitoyl-sn-glycero-3- phosphocholine (DPPC, >99%) 
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from Avanti lipid; and polycarbonate membrane filters of pore size 0.2 μm (200 nm) 
and diameter 25 mm from GE Healthcare-Whatman 
3.2.2 Synthesis of spherical mesoporous silica particles 
 MSNPs were synthesized using a modification of the method described by 
Yamada et al.[177], where TIPB was used to swell the CTAB micelles, the pore 
forming agent, during surfactant-templated synthesis. Initially, 0.56 ml of TEA and 3.0 
g of CTAB was added to 360 mL of DIUF water. The solution was kept stirring at 80 
ºC for 2 hours for complete mixing and emulsion formation and 16 mL of TIPB was 
added under vigorous mixing. After 30 minutes, 4.77 mL of TPOS was added with 
constant stirring. Then, the stirring of the solution was done vigorously for 12 hours to 
obtain white solid particles. The particles were then centrifuged repeatedly and washed 
and the surfactant was removed by acidic ethanol (167 mL of ethanol with 33 mL of  
12N hydrochloric acid) washing three times and finally, they were dried at 84 °C 
overnight. 
3.2.3 Materials Characterization using BET 
Pore diameter and surface area were measured from nitrogen adsorption 
measurements (Micromeritics Tristar 3000) conducted at -196 °C. Samples were 
degassed at 120 °C for a period of 4 h under flowing nitrogen gas before analysis. 
Specific surface area was estimated using the Brunauer, Emmett, and Teller (BET) 
isotherm and the pore diameter was estimated as the peak in the pore size distribution 
calculated by the method of Barrett, Joyner, and Halenda (BJH) using the adsorption 
curve of the nitrogen adsorption– desorption isotherm.  
3.2.4 Materials characterization using Scanning Electron Microscopy 
SEM instrument (Hitachi S-4300) was used to characterize the surface 
morphology of mesoporous silica nanoparticles. The silica nanoparticles were placed 
on a carbon tape. The particles on the tape were dispersed using a duster spray. The 
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silica nanoparticles were sputter coated in a gold palladium alloy prior to carrying out 
the imaging.  
3.2.5 Fourier transform infrared spectroscopy (FTIR) 
 To confirm the presence of silica in the nanoparticles along with the removal of 
surfactants such as CTAB, the particles were characterized using a ThermoNicolet 
Nexus 470 spectrometer equipped with a narrowband liquid nitrogen cooled mercury 
cadmium telluride (MCT) detector. Potassium bromide was mixed with around 1.0 
percent by weight of silica nanoparticles using a pestle and mortar. The pellet was 
pressed and the spectrum was taken. Each spectrum was collected at a resolution of 4 
cm-1 and 250 scans with IR beam incident perpendicularly through the film.  
3.2.6 Lipid filled silica particle preparation through evaporation deposition 
 To fill the pores of synthesized silica nanoparticles with DPPC, samples with 
DPPC to silica nanoparticle mass ratios of 1:1, 2:1 and 3:1 were dissolved in 1 mL of 
chloroform and sonicated for 25 minutes. The above mixture was then blow-dried with 
nitrogen and was further dried overnight.  To form bilayers, the dried lipid was 
rehydrated with PBS to form a 1mg/mL solution of DPPC and silica nanoparticles. The 
sample was sonicated at 47°C for 1 hr. The sample was sonicated for another 15 minutes 
while cooling to 30°C.  
3.2.7 DPPC liposome preparation  
  To make the liposomes, 15 mg of DPPC were dissolved in 1 mL CHCl3 and 
sonicated for 5 minutes. The above mixture was then blow-dried with nitrogen and was 
further dried overnight.  To form bilayers, the dried lipid was rehydrated in 3 mL PBS 
solution above the DPPC phase transition temperature and sonicated at 47°C for 1 hr. 
The sample was then sonicated for another 15 minutes while cooling to 30°C. 1mL of 
the above solution was then extruded through a polycarbonate membrane, of pore size 
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of 200 nm, a total of 21 times until a clear solution of 5 mg/mL of DPPC liposomes 
was obtained.   
3.2.8 Preparation of lipid enveloped silica nanoparticles by vesicle fusion.    
 Lipid enveloping of bare MSNPs was carried out by preparing 1 mL of the 
liposome solution prepared in Section 3.2.7 and mixing it with 10 mg of silica 
nanoparticles for a period of 1 hour to facilitate the process of vesicle fusion.  
For one case of lipid-filled particles (1:1 mass ratio of DPPC to silica 
nanoparticles), lipid enveloping was attempted after lipid filling of the pores for 
comparison to lipid filling alone.  1 mL of 1 mg/mL of 1:1 DPPC to silica nanoparticles, 
prepared as per the procedure mentioned in Section 3.2.6, was mixed with 0.25 mg/mL 
of DPPC vesicles(by taking an aliquot of 50 μL of solution of 5 mg/mL of DPPC 
vesicles, prepared as per the procedure mentioned in Section 3.2.7, and diluting it to 1 
mL using PBS). The mixing was carried out for a period of one hour.  
3.2.9 Analysis of zeta potential  
 Zeta potentials of the DPPC vesicles and particles with and without DPPC were 
measured by dynamic light scattering (DLS) using an Anton-Paar Lightsizer 500 
instrument. Around 0.1 mg/mL of solution of DPPC and silica nanoparticles(0.125 
mg/mL in the case of 1:1 DPPC to silica nanoparticles enveloped with liposomes of 
DPPC), prepared by appropriate dilution of the original solutions with PBS,  of 
homogeneous particle suspension in PBS buffer was placed in an omega cuvette 
(inverted Ω-shaped capillary tube) for measurement. During placement of solution 
inside the capillary tube, extreme care was taken to exclude air bubbles.  
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3.3 Results and Discussion 
 
3.3.1 Characterization of mesoporous silica nanoparticles (MSNPs) 
 
MSNPs were synthesized with a target average pore diameter close to 7 nm. 
The size of the pores was greater than the thickness of DPPC lipid bilayer, which is 
close to 4 nm [59]. In this process, the CTAB surfactant was utilized for the creation of 
a template for pore formation and TIPB was mixed for the expansion of the micelle 
pore templates. The purpose of the acid washing step was to remove surfactants. 
Spherical particles with diameters around 200 nm were obtained after template 
extraction, as seen in the SEM image presented in Figure 13.  Surface characterization 
(surface area, pore volume and average pore size) was performed using nitrogen 
adsorption (Figure 14(a) and Table 7). The pore size distribution, as determined by the 
Barrett- Joyner-Halenda (BJH) method, is found to have a maximum at around 7.4 nm 
(See Figure 14(a)). Table 7 provides the surface area and the pore size distribution of 
the synthesized particles. The nitrogen adsorption isotherm (see Figure 14(b)) indicates 
that the adsorption of nitrogen onto the pore capillaries follows a Type IV isotherm. 
This is evident from the fact that the initially, at lower relative pressure regions in the 
graph, we observe a relatively linear plot which corresponds to the adsorption of 
monolayers to multilayers of nitrogen. Eventually, pore condensation takes place at 
higher pressures. Also, one of the main features of such an isotherm is the presence of 
a plateau close to saturation pressure P0 of the bulk liquid[132]. Such a trend in 
adsorption is usually observed for mesoporous materials having uniform pore diameters 
between 2-50 nm in diameter [133].  
 FTIR was performed on the MSNPs to a to verify whether the acid extraction 
resulted in the removal of surfactant CTAB. As can be seen in the Figure 15, the peak 
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around 3500 cm-1 indicates the presence of intense broad O-H stretching vibration[134] 
This includes contributions from water which is hydrogen bonded to Si-OH groups of 
the silica matrix, in addition to vibrations of Si-OH groups themselves. The broad peak 
observed in between 1000 cm-1 and 1200 cm-1 is indicative of an asymmetric Si-O-Si 
stretching[135]. The sharp peaks for -CH2 vibrations, which are generally observed 
between 2800cm-1 and 3000 cm-1[134], are not distinctly visible. There appears to be a 
small peak close to 3000 cm-1. This could indicate the successful removal of a major 
portion of the organic surfactant template in the acid extraction.   
 
` 
 
Figure 13:Scanning electron microscopy (SEM) image of MSNPs 
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Table 7:Surface area and pore size distribution of MSNPs 
 
Sample Pore Volume 
(cm³/g) 
BET Surface 
Area(m2/g) 
Pore Diameter (nm) 
Mesoporous silica 
nanoparticles (MSNPs) 
2.07 660.6 7.4±2.3 
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(b) 
Figure 14:(a) BJH pore size distribution of MSNPs calculated using the adsorption 
branch of the nitrogen adsorption isotherm; (b) nitrogen adsorption and desorption 
isotherm of MSNPs. The blue points represent the adsorption isotherm and the orange 
points represent the desorption isotherm. 
 
 
Figure 15:FTIR spectrum of MSNPs in a KBr pellet. 
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3.3.2  Characterization of lipid filled particles 
 
Particles were filled with DPPC using the method of evaporation deposition 
described in Section 3.2.6. The estimation of the maximum amount of DPPC lipid 
bilayers which could be localized within the silica nanopores was carried out using the 
measured pore volume and the partial molar volume of DPPC bilayers. In an 
experiment conducted by Miyoshiet al.[136] on the determination of density of DPPC 
mixed with cholesterol at various weight fractions, it was found out that the density of 
DPPC at a temperature of 45 °C (above the phase transition temperature of DPPC) was 
close to 1.025 g/cm3. The pore volume of the synthesized MSNPs (2.07 cm3/g) and this 
density suggests a maximum theoretical capacity of DPPC of 2:1 by mass, so the 
baseline loading level was 20 mg of DPPC per 10 mg of MSNPs. It was then desired to 
assess the effect on the magnitudes of zeta potential of either increasing and decreasing 
the mass ratio of lipids with respect to MSNPs.  
In order to help understand the colloidal stability of lipid filled mesoporous 
silica nanoparticles, zeta potential (ζ) measurement were taken using dynamic light 
scattering (DLS). The lipid filled silica nanoparticles, prepared by evaporation 
deposition, were rehydrated with PBS to form 1 mg/mL of solution of DPPC and silica 
nanoparticles. Such a concentration was chosen to prevent possible agglomeration of 
particles during sonication. The ζ measurements were conducted using 0.1 mg/mL of 
the solution which were prepared by taking an aliquot of 0.1 mL of the solution and 
diluting it to ten times its volume using PBS.  
 For the bare silica nanoparticles in undiluted PBS media, ζ was measured to be 
-18.6±0.1 mV (See Table 8). The zeta potential of 80 nm silica nanoparticles in PBS, 
synthesized via Stöber method, has been reported to be -31 mV[14]. In another study, 
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the zeta potential of 100 nm silica nanoparticles was reported to be -23 mV[178] in 
PBS. In these two experiments, the method of preparation of the silica nanoparticles 
was different. These values are different from the zeta potential of silica nanoparticles 
in media containing only a single electrolyte. For example, the zeta potential was 
reported to be -45 mV for 120 nm nanoparticles in 0.75 mM NaCl [85]. In another 
experiment, ζ of the same for silica nanoparticles decreased  from -62.5 mV  to -38 mV 
when the concentration  of NaCl increased from 10 mM to 100 mM [179]. The lower 
values of zeta potential observed in PBS is due to a high ionic strength of undiluted 
PBS. This decreases ζ by reducing the thickness of  the electrical double layer [84].   
 Lipid enveloping of the bare MSNPs with DPPC was carried out using the same 
buffer solution by the process described in Section 3.2.8. After enveloping, ζ was 
measured to be -16.4±1.2, which was marginally higher than bare MSNPs. For 
comparison, Savarala et al. [85] studied the adsorption of 1,2-dimyristoyl-sn-glycero-
3-phosphocholine (DMPC) vesicles onto 20-100 nm silica nanobeads and found that ζ 
decreased from around -45 mV to between -20 to -30 mV in  0.05 to 0.75mM NaCl. 
The amount of DMPC used was enough that complete external surface coverage of the 
silica nanobeads was ensured. Moura and Carmona-Ribeiro reported that deposition of 
PC vesicles onto silica nanoparticles at pH 6.3 in DI water reduced ζ  from -45 mV to 
-18 mV [86]. In both the cases, the reduction in zeta potential was attributed to the 
shielding of the negative charge of silica by the zwitterionic DMPC and PC vesicles. In 
our experiments, the amount of DPPC needed to completely envelope the silica 
nanoparticles was not determined exactly. However, the estimation of amount of DPPC 
theoretically required to cover the external surface of MSNPs is 0.65 ± 0.01 nm2 [180]. 
Estimating the external surface area of the MSNPs from their radius and pore volume, 
which is 79 m2/g, and considering that the head-group area of DPPC is for per lipid per 
 
61 
 
monolayer in the bilayer,  we obtain the theoretical amount of DPPC to cover the 
surface of MSNPs to be around 0.36 mg per 1.0 mg of MSNPs. In our system, 5 mg of 
DPPC was mixed with 10 mg of MSNPs to facilitate vesicle fusion, so a small excess 
of lipid should in principle be available.   A small reduction in the zeta potential of 
MSNPs, upon enveloping with DPPC, could suggest partial coverage of MSNPs by the 
DPPC vesicles. 
In contrast to lipid enveloping, evaporative pore filling of DPPC lipid in the 
mass ratio of 1:1 with respect to silica nanoparticles results in a sharp decrease in the 
zeta potential of the nanoparticles to around -9.9 mV. A further increase in the amount 
of DPPC is shown to further decrease the magnitude of ζ close to -5 mV (See Table 8) 
Schlipf et al.[53] conducted diffusivity studies on DPPC at the surface and 
within the pores of micron-sized SBA-15 silica particles. Though the studies were 
conducted on particles having a range of pore diameters, an important observation made 
in these studies is the presence of lipid bilayers on the surface of particles having mean 
pore diameters of around 9 nm, as indicated by the occurrence of diffusivity on the 
surface of these particles. Lipid bilayers of DPPC are found to have a thickness of 
around 3-5 nm[138]. The process of evaporation deposition followed by subsequent 
rehydration results in the assembling of lipids within the pores[53]. The lipid bilayers 
covering the surface of the silica nanoparticles, in our experiments, could be causing 
the reduction in the values of zeta potential of lipid filled particles. The presence of 
unilamellar vesicles on nanoparticles of 100 nm diameter has been confirmed by TEM 
studies[181]. Anderson et al.[182] conducted studies on the coverage of DMPC vesicles 
on borosilicate glass substrates, having similar properties as silica surfaces. The ζ 
measurements of the charged glass surface, as a function of ratio of the amount of 
injected DMPC vesicles to the amount required for full surface coverage, demonstrated 
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a decrease in magnitude with ratios. It was observed that a ratio greater than 20 was 
found to cause a drastic reduction in the magnitude of ζ from close to -30 mV to -10 
mV. This was interpreted to be the ratio required for initiation of rupture of vesicles 
and subsequent bilayer formation.   
Some studies have shown that, despite the reductions in magnitudes of zeta 
potential observed upon deposition of zwitterionic lipids of PC on the surface of silica 
nanoparticles, an increase in the concentration of the lipid in solution was found to 
reduce the sedimentation of the silica nanoparticles[86]. In the case of cationic lipids 
DODAB and DOTAP, an increase in the concentration of lipids, besides increasing the 
magnitude of the zeta potential of silica nanoparticles with respect to the bare ones, also 
resulted in minimal sedimentation of the nanoparticles[87]. The stabilization of lipid 
enveloped silica nanoparticles is a possible consequence of the presence of hydration 
forces which are more dominant than the electrostatic repulsive forces at particle 
separations within 20 Angstroms. It is found to be a very significant force especially 
for two zwitterionic lipid bilayers coming close together[89]. We attempted to assess 
the effect on ζ of enveloping of DPPC vesicles around silica nanoparticles whose pores 
were already filled with a 1:1 mass ratio of DPPC. The zeta potential of such particles 
was found to be -2.4±0.4 mV. These values were very similar to that of DPPC 
liposomes, which in our experiments was found to be -2.2±0.7 mV in PBS.  This is in 
close agreement to ζ reported in the literature for DPPC liposomes in 150 mM NaCl 
solution, is in the range of 0 to -5 mV[183]. There could be several reasons for the 
observed reduction in ζ for 1:1 mass ratio lipid-filled MSNPs (-9.9 mV) after coating 
with DPPC bilayers (-2.4 mV). A general mechanism of enveloping of vesicles onto 
the surface of silica nanoparticles involves the adsorption of the vesicles, followed by 
its deformation and eventually, the rupturing of the vesicle[48, 99, 175]. The loosely 
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adhered vesicles may require additional stress from surrounding vesicles to cause the 
rupture. The ruptured  vesicles may fuse by the influence of the edges of the already 
present bilayer patches[184]. In our system, there is a possibility that the bilayer patches 
existing on the surface of silica nanoparticles may rupture and fuse together in the 
presence of the externally introduced DPPC vesicles. These bilayer patches could be 
loosely adhered onto the surface of the silica nanoparticles and the rupturing could 
possibly be taking place in the presence of external DPPC vesicles. Subsequently, the 
hydrophobic lipid tails lying near bilayer edges could fuse and form a more continuous 
bilayer[185]. It is also possible that the introduced DPPC vesicle fuses along with the 
existing bilayer patches on the silica nanoparticles, thereby causing a sharp reduction 
in the zeta potential.  Cryo-Transmission Electron Microscopy (Cryo-TEM) has been 
used to enable visualisation of the process of deposition of neutral zwitterionic lipid 
vesicles of 1-palmitoyl-2-oleoylphosphatidylcholine (POPC) and DMPC onto silica 
surfaces[186]. To be able to better visualise the process of lipid filling of silica 
nanoparticle, the usage of Cryo-TEM could enable us to assess the process by which 
the surface coverage of silica nanoparticles takes place by increasing the mass ratio of 
lipids to silica nanoparticles. Additionally, it could also enable us to visualise how the 
introduction of liposomes to already filled lipid vesicles influences the surface coverage 
of silica nanoparticles.  
It is imperative to note that the knowledge of the changes in hydrodynamic 
diameters of the silica nanoparticles, upon increasing deposition of lipids, in 
conjunction with the changes in the zeta potential of the nanoparticles will enable us to 
better assess the colloidal stability of the lipid filled silica nanoparticles. Studies 
conducted on deposition of zwitterionic PC vesicles on silica nanoparticles 
demonstrated a concomitant decrease in their hydrodynamic diameters[86]. The settling 
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velocities of nanoparticles is found to be proportional to the hydrodynamic diameters 
of the nanoparticles[182]. A lower settling velocity would mean lower sedimentation 
and increased colloidal stability. A visual study of 1 mg/mL of solutions of 
DPPC+MSNPs in our experiments at all the lipid to MSNPs mass ratios seemed to be 
colloidally stable over a period of 0.5 hours (data not shown). However, it may be 
beneficial to assess the colloidal stability of the nanoparticles for extended time periods 
and visually observe the sedimentation of the MSNPs at different time intervals.  
Table 8:Zeta potential of various MSNPs. In the above figure, LE MSNPs refers to 
lipid enveloped MSNPs; LPx MSNPs refer to lipid filled silica nanoparticles, where x 
equals 1,2,3 refers to lipid to silica nanoparticle mass ratios of 1:1,2:1 and 3:1 
respectively;LP1 LE MSNP refers to lipid filled silica nanoparticles with 1:1 mass ratio 
of lipid to silica nanoparticle with an enveloping of DPPC vesicles.  The measurements 
are taken in PBS solution, containing 137mM of sodium chloride, 2mM of potassium 
chloride and 10mM of phosphate buffer 
 
 
3.4  Conclusions 
 
 In this work, the method of evaporation deposition was used to fill the pores of 
silica nanoparticles with 1,2-dipalmitoyl-sn-glycero-3- phosphocholine (DPPC)  and 
Sample Zeta Potential(mV) 
Bare MSNPs -18.6±0.1 
LE MSNPs -16.4±1.2 
LP1 MSNPs -9.9±1.7 
LP2 MSNPs -5.3±0.7 
LP3 MSNPs -4.3±0.9 
LP1 LE MSNP -2.4±0.4 
DPPC liposomes -2.2±0.7 
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assess the effect of increasing the mass ratio of lipid to silica nanoparticles on the zeta 
potential and colloidal stability of the nanoparticles. An increase in the mass ratio 
resulted in observable reductions in magnitudes of zeta potential of the resulting 
nanoparticles compared to bare silica nanoparticles. Lipid enveloping of pore filled 
silica nanoparticles results in zeta potentials comparable to that of DPPC liposomes. 
The reductions in zeta potentials of the lipid filled silica nanoparticles were 
hypothesized to be the result of several isolated lipid bilayers covering the exterior 
surface of the nanoparticles, besides filling the nanopores. The complete assessment of 
colloidal stability of the system necessitates obtaining of information regarding the 
changes in hydrodynamic diameters and the settling behaviour, with extended time 
periods, of the lipid filled particles in conjunction with the obtained values of zeta 
potential of the system. The possibility of using cryotransmission Electron Microscopy 
to visualise the formation of bilayers on the external surface of silica nanoparticles in 
the process of pore of filing was suggested. The determination of the optimal amount 
of lipids that can be deposited into the silica nanopores would enable the designing of 
systems involving extraction and sensing  of highly lipophilic  molecules form dilute 
solutions.  
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Appendix A:  Dye uptake studies of Sulforhodamine 101 within amine 
functionalized radial mesoporous silica nanoparticles.  
 
A.1 Introduction 
 Mesoporous silica nanoparticles have received immense attention over the 
recent years[90-92].  Their advantages for applications in separation, catalysis, and 
biomolecule loading are their uniform and tunable pore sizes [93], large surface areas 
and pore volumes [94]. There have been many reports of release of guest molecules, 
such as drugs, encapsulated within pores of silica nanoparticles in the presence of 
external stimuli such as pH[187-190].  The drug molecules, as doxorobucin (DOX), are 
found to have a release percentage of 20 wt.% DOX within 100 h at a pH 7.4. In acidic 
environment, about 50 wt.% (pH = 5.0) and 65 wt.% (pH = 3.0) of DOX was released 
within 100 h, at higher pH and the lowering of the pH has shown to effect their 
release[191]. The  coating of silica nanoparticles with a polymer, such 
as  poly(methacrylic acid-co-vinyl triethoxylsilane) (PMV), can act as a molecular 
switch. Ibuprofen loaded in such systems was found to show a low release(15 wt%) at 
pH of 4 or 5 and a burst of release at pH close to 7.5[192]. This was attributed to 
polymer shell opening at high pH compared to lower ones.  
 To the best of our knowledge, there has been no study involved in determining 
the pH dependency of encapsulation and release profiles of fluorescent dyes. 
Sulforhodamine 101 has been used extensively for the purpose of cell labelling[193-
195]. Amine functionalized silica nanoparticles, on the other hand, have been used as 
vehicles of targeted delivery for the treatment of various cancers[196-198]. There have 
been studies conducted on removal of anionic textile-based dyes by amine 
functionalized silica nanoparticles[199]. A pH of 2 was found to result in the dye 
removal of around 80% for an adsorption time of 60 minutes.  
 In this work, we attempt to load the fluorescent dye of Sulforhodamine 101, in 
increasing concentrations from 0.1-2.0 mg/mL, into pores of amine functionalized 
mesoporous silica nanoparticles at pH 2. After determining the maximum loading 
capacity of the particles, the release percentages of the encapsulated dyes will be 
compared, at two different pH values of 10 and 12. The results from this study can 
enable optimization of parameters for sensing and imaging based applications.  
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A.2 Experimental section 
A.2.1 Materials 
 Tetraethyl orthosilicate (TEOS, 99%) and Sulforhodamine 101(>99%, laser 
grade acid-free) were obtained from Acros Organics; (3-Aminopropyl)triethoxysilane 
(APTES, 99%)   from Sigma-Aldrich;; cetyltrimethylammonium bromide (CTAB, 
99.8%) from MP Biomedicals; Ethanol (200 proof), ultrapure deionized ultra-filtrated 
(DIUF) water; and 6 N HCl (ACS grade), and 29.3 wt% NH4OH solution from VWR.  
A.2.2 Synthesis of radially oriented mesoporous silica nanoparticles 
Samples were prepared on the basis of the procedure of Liu et al.[200] The initial 
reactants had molar ratios of 1 TEOS:0.3 CTAB:11 NH3:58C2H5OH:144 H2O. Particles 
were formed by mixing all reagents in the reverse order listed. The TEOS was added 
slowly over 1 min. To be more precise, 7.44 mL of TEOS, 3.64 g of CTAB, 24.4 mL 
of 29.3 wt% NH4OH, 112.7 mL of C2H5OH and 70.9 mL of water were used.  After 
aging the solutions for 2 h at room temperature, white powder precipitates were filtered 
and washed with deionized water. Dried samples were twice extracted with acidic 
ethanol (150 mL ethanol with 3 mL of concentrated aqueous HCl) to remove the 
surfactant. 
 
A.2.3  Synthesis of amine functionalized mesoporous silica 
nanoparticles(MSNPA) 
Amine functionalized silica nanoparticles were obtained by condensing (3- 
aminopropyl) triethoxysilane (APTES) on the particle surface using a modified version 
of the methods reported in the literature[201, 202]. 200 mg of ordered mesoporous 
particles were sonicated in 25 mL of dry ethanol for 15 min and a uniformly dispersed 
solution was obtained. 0.5 mL of APTES was added drop wise under constant stirring 
and the solution was kept stirring overnight in a closed environment at room 
temperature. Particles were centrifuged at 17,000 rpm followed by repeated washing 
with dry ethanol and cured at 84ºC overnight. After curing, particles were stirred in 
excess ethanol for 24 hours to remove any remaining, loosely bound amine groups. The 
functionalized particles were again washed 3 times with dry ethanol and dried in an 
oven at 84ºC.  
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A.2.4 Calibration curve for Sulforhodamine 101 dye uptake and dye release 
using amine functionalized silica nanoparticles 
To prepare a calibration curve at pH 2, a 0.1 mg/mL solution of sulforhodamine 
101 was made.  6 N hydrochloric acid solution was used for pH adjustment. From that 
stock solution, dilutions of 1/100th, 1/200th, 1/400th and 1/800th were performed using 
an acidic solution of pH 2. At pH 10 and 12, a 0.1 g/L solution of sulforhodamine 101 
was made. A 29.3 wt% ammonium hydroxide (NH4OH) solution was used for adjusting 
the pH.  From that stock solution, dilutions of 1/1000th, 1/2000th, 1/4000th and 1/8000th 
were performed using alkaline solutions of pH 10 and 12. The fluorescence readings 
were taken in a BioTek (Winooski, VT) plate reader. The excitation and emission 
maxima wavelength of the dye was found out to be 586 and 610 nm, respectively.  
A.2.5 Solution depletion studies of Sulforhodamine 101 dye using amine 
functionalized silica nanoparticles 
The amine functionalized silica nanoparticles were soaked in DIUF water 
overnight. For this study, eight stock solutions of Sulforhodamine 101 dye with 
concentrations ranging from 0.1-2.0 mg/mL in an acidic solution of pH 2 were 
prepared. For each dye concentration, triplicates of 1 mL of the dye solution mixed with 
5mg of amine-functionalized silica nanoparticles were prepared except for the 1.5 and 
2.0 mg/mL concentrations (for which six samples were prepared).  Dye solutions with 
particles were mixed overnight at room temperature. After mixing, the vials containing 
the sample were centrifuged at 17000 g for five minutes. The supernatant was then 
analysed to quantify unbound dye particles using the BioTek plate reader. The 
equilibrium uptake of the dye was calculated as: 
𝑞𝑞(𝑚𝑚𝑚𝑚/𝑚𝑚) =
(𝐶𝐶0 − 𝐶𝐶𝑒𝑒)
𝑚𝑚
∗ 1000 
where q is the equilibrium uptake of the dye (in mg/g); 𝐶𝐶0 is the initial dye concentration 
(in mg/mL); 𝐶𝐶𝑒𝑒 is the equilibrium dye concentration (in mg/g) and m is the mass of the 
MSNPA(in mg). 
A.2.6  Sulforhodamine 101 dye release quantification from amine 
functionalized silica nanoparticles 
 After adsorbing Sulforhodamine 101 dye from 1.5 and 2.0 mg/mL 
solutions onto MSNPA, the supernatant was removed and 1 mL of alkaline solutions 
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of pH 10 or 12 was added.  Release was measured in triplicate samples for each pH. 
The fluorescence intensity of the released dye, from the MSNPA, was quantified using 
the BioTek plate reader. The corresponding concentration of the dye(E0) was back-
calculated using the calibration curves  The equation of the dye release percentage(R) 
is as follows: 
𝑅𝑅(%) =
𝐸𝐸0
𝐶𝐶0 − 𝐶𝐶𝑒𝑒
∗ 100 
where 𝐸𝐸0 is the concentration  of the dye released (mg/mL); 𝐶𝐶0 is the initial dye 
concentration(in mg/mL) prior to uptake; 𝐶𝐶𝑒𝑒 is the equilibrium dye concentration (in 
mg/mL) after uptake. 
 
A.3 Results and Discussions 
 The calibration curves, plotting the fluorescence intensity of the 
Sulforhodamine 101 dye versus its concentration in the solution at pH 2,10 and 12 are 
shown in Figure 16. It is observed that the intensity of fluorescence is higher for higher 
values of pH at the same dye concentrations.  
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                                                   (b) 
 
                                            (c) 
Figure 16:Calibration curves of sulforhodamine 101 dye in: (a) pH2; (b) pH 10; (c) pH 
12 
 
 The dependence of the initial concentration of the dye on its uptake by MSNPA 
is shown in Figure 17. It is observed that the saturation or the maximum uptake of 
Sulforhodamine 101 by the MSNPA occurs at around 350 mg of the dye per gram of 
MSNPA. Due to the tendency of the nitrogen atom to be a better electron donor 
compared to the oxygen atom, an acidic pH possibly leads to the favourable protonation 
of the amine groups present on the silica surface compared to the negatively charged 
oxygen atom in Sulforohodamine 101. The negatively charged sulforhodamine 101 
group is transferred from the solution to the pores of the silica nanoparticles due to the 
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presence of electrostatic interaction between the positively charged amine groups and 
the negatively charged oxygen atom.  
 
Figure 17:Uptake of Sulforhodamine 101 dye by MSNPA as a function of dye 
remaining in the solution at a pH of 2. Error bars show the standard deviation in the 
readings of the uptake values taken in triplicates. 
 The Table 9 shows the dependence of the initial dye concentration, used for the 
uptake of the dye at pH 2, and the pH on the release percentages of the dye. In general, 
a higher percentage is observed at higher values of pH and higher initial dye 
concentrations used. A higher pH could result in the abstractyion of the proton from the 
nkitrogen atom by the hydroxyl ions introduced in solution. This results in the 
elimination of the electrostatic interaction between the atoms. Therefore, the dye release 
at higher pH could take place.  
 These results demonstrate the capability of mesoporous silica nanoparticles to 
capture high amounts of dyes at lower pH and effect a significant release in alkaline 
environments.  
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Table 9: Release percentages of Sulforhodamine 101 dye from MSNPA at pH 10 and 
12 at different initial concentrations of the dye before uptake. 
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pH Initial dye 
concentration(mg/mL) 
Dye release (%) 
10 1.5 48.4 ± 1.4 
2.0 75.6 ± 6.7 
12 1.5 83.1 ±14.9 
2.0 90.0 ±14.1 
 
73 
 
Appendix B: Attachment of acryl-modified DNA onto thiol attached glass 
coverslips  
 
B.1  Introduction 
In the past several years, there have been several research efforts taken to utilise 
nucleic acids such as DNA for various applications ranging from imaging, diagnostics 
and sensing[203-206]. In particular, for the successful sensing to take place, it is 
necessary to develop approaches involving the immobilization of DNA onto 
surfaces[198, 207]. The attachment of DNA has been carried on several types of 
surfaces such as gold[208, 209], carbon[210, 211], glass[212-214]etc., to name a few.  
The utilisation of ultraviolet(UV) radiation has been a frequently explored 
method for the attachment or immobilisation of DNA onto surfaces[215-218]. The 
surfaces are typically modified using an alkene[219, 220] or a thiol[221, 222] moiety, 
followed by the attachment of the DNA molecules using UV chemistry.  
X-ray Photoelectron Spectroscopy (XPS) is a widely used surface sensitive 
technique for the measurement of elemental compositions of the material surface[223]. 
The energy of the electrons emitted from the surface, upon incidence of an X-ray, is 
measured using this technique. This energy is the characteristic of atom of the 
bombarded element and this helps in its identification[224]. XPS has been widely used 
to characterize or confirm the attachment of DNA on surfaces[225-228]. 
In this work, we aim to functionalize the surfaces of circular glass coverslips 
using (3-mercaptopropyl) trimethoxysilane (MPTMS). Subsequently, the success of the 
thiol modification of the coverslips and the dependence of the presence of a 
photoinitiator on the successful covalent linkage of the acryl-modified DNA 
oligonucleotide, onto thiol modified surfaces , via UV thiolene click chemistry will be 
analysed using XPS.  
B.2 Experimental section 
 
B.2.1 Materials 
  Nochromix powder, ethanol (200 proof), ultrapure deionized ultra-filtrated 
(DIUF) water, H2SO4 (95-98% in water) and 29.3 wt% NH4OH solution were 
purchased from VWR International; (3-mercaptopropyl)trimethoxysilane (MPTMS, 
95%) from Alfa Aesar; 50 mm diameter round glass coverslips from Electron 
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Microscopy Sciences; 2-hydroxy-4'-(2-hydroxyethoxy)-2-methylpropiophenone ( 
≥98.0% by HPLC, water-soluble photoinitiator or WSP) from TCI America; DNA 
oligomer of 5'-/5Acryd/CGC TCC CAA CCG CCT CAT TAT G-
3'(MW=6838.5g/mol) from Integrated DNA Technologies; and mounted UV LED 
lamp (wavelength: 365 nm; irradiance: 17.6 μW/mm2 at a distance of 200 mm from the 
source) from Thorlabs Inc. 
B.2.2 Cleaning of glass coverslips 
 The glass coverslips were cleaned by submerging them in a Norchromix 
solution (a solution containing Norchromix oxidizer powder in concentrated sulfuric 
acid) overnight. The glass coverslips were then rinsed with DIUF and dried in an oven.  
B.2.3 Thiol modification of glass coverslips 
 The glass coverslips were modified based on the procedure described by Bertin 
and Sclhaad [229]. A 10 μL drop of MPTMS was placed on each of the cleaned glass 
coverslips and were baked in an oven kept at 150oC for twenty minutes. The coverslips 
were then washed thoroughly with ethanol to remove excess unattached thiol groups.  
B.2.4 DNA attachment to thiol attached glass coverslips 
 The attachment of DNA oligomer was carried out by slight modification of the 
procedure provided by Escorihuela et al. [207]. 20 μL of 0.38mg/mL of the DNA 
oligomer in RNAse free water was placed onto the thiol modified coverslips followed 
by the addition of 20 μL of 0.05% of WSP onto the DNA droplets ensuring complete 
coverage of the top surface of the coverslip. The surface was then illuminated with the 
UV LED for thirty minutes. After the completion of the reaction, the surface was 
thoroughly rinsed with RNAse free water. A control sample, without WSP, comprising 
20 μL of 0.38mg/mL of the DNA in RNAse free and 20 μL of RNAse-free water was 
also illuminated with the UV LED for 30 minutes.  
B.2.5 Analysis of thiol attachment and DNA attachment using X-ray 
photoelectron spectroscopy (XPS) 
 The presence of -SH groups on thiol modified glass slides and the changes in 
the percentage of carbon on the glass slides during DNA oligomer attachment was 
measured using a K-Alpha XPS Instrument (Thermo Scientific). Prior to carrying out 
the analysis, the samples were stuck onto a carbon tape, which was further stuck onto a 
sample stage. Vacuum was applied to the sample chamber till the pressure reached 
5*10-8 mbar. High definition elemental scans of carbon, oxygen, silicon and sulphur 
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were taken for thiol modified glass slides. For DNA oligomer modified conjugated 
glass slides, high definition scans were taken for carbon, oxygen, silicon, sulphur, 
nitrogen and phosphorus. The results of the XPS were analysed using the Thermo 
Scientific™ Avantage Software.  
B.3 Results and Discussion 
 The addition of MPTMS onto cleaned glass coverslips is expected to result in 
the formation of thiol groups on the surface of the coverslips. Table B1 below shows 
us the changes in elemental composition upon addition of MPTMS. Since MPTMS 
contains carbon atoms due to the presence of propyl groups and thiol moiety attached 
to the propyl groups, the addition of MPTMS is expected to lead to a concomitant 
increase in the carbon and sulfur content. Fig. B1(g) shows us the presence of an XPS 
peak around 164eV. This is found to be a characteristic peak of sulfur atom bonded to 
carbon as a single bond.  
 The attachment of DNA oligomer was subsequently carried out using thiolene 
click chemistry, using ultraviolet (UV) radiation, in the presence and absence of the 
water-soluble photoinitiator.  Table 10 provides the changes in the elemental 
compositions of the atoms upon carrying out the reaction. An increase in the carbon 
content by around 10% in the DNA modified coverslip is observed compared to the 
thiol modified coverslip. The XPS spectra of both the coverslips are shown in Figure 
18. It can be observed that the addition of DNA in the presence of the photoinitiator 
leads to the formation of a nitrogen peak at around 400eV.  (Figure 19(i) and (j)). The 
nitrogen peak could be a possible result of the presence of nitrogen atoms in DNA. For 
all other elements, a significant change in the peaks is not observed. It could be 
concluded that the increase in the amount of carbon in DNA modified coverslips 
combined with a noticeable presence of an XPS peak of nitrogen could indicate the 
necessity of the presence of a photoinitiator to carry out the DNA attachment onto the 
thiol groups.  
  On the other hand, the absence of the photoinitiator while carrying out the UV 
reaction indicates the possibility of unsuccessful DNA attachment as per the elemental 
compositions shown in Table 11. It can be clearly observed that the change in the 
carbon content upon attempt to attach DNA onto the coverslips is negligible. Moreover, 
a look at the Figure 20(i) and (j) indicates the absence of a nitrogen peak at 400 eV, 
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suggesting that the absence of a photoinitiator could lead to the non-attachment of DNA 
onto the coverslips.  
 
 
 
Table 10:Elemental compositions of clean glass coverslips and thiol modified glass 
coverslips 
 Carbon (%) Oxygen (%) Silicon (%) Sulfur (%) 
Clean glass coverslips 5.17 68.52 26.3 - 
Thiol modified glass 
coverslips 
49.32 26.87 15.8 8.01 
 
Table 11:Elemental compositions of thiol modified coverslips and DNA modified thiol 
functionalized coverslip using 0.05% by weight of WSP 
 
 Carbon (%) Oxygen (%) Silicon (%) Sulfur (%) 
Thiol modified glass 
coverslips 
58.84 23.06 13.07 5.04 
DNA modified glass 
coverslips with WSP 
68.28 19.88 7.84 2.95 
 
Table 12: Elemental compositions of thiol modified coverslips and DNA modified thiol 
functionalized coverslip without WSP 
 Carbon (%) Oxygen (%) Silicon (%) Sulfur (%) 
Thiol modified glass 
coverslips 
68.10 23.06 4.80 1.06 
DNA modified glass 
coverslips without 
WSP 
68.20 22.69 6.51 2.05 
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                                           (g)                                                                                                                                                                    
 
Figure 18:XPS graphs of clean glass coverslips and thiol modified coverslips. In above 
figures, (a),(c),(e) are XPS scans of clean glass coverslips of elements carbon,oxygen 
and silicon respectively. XPS scan of sulfur not taken for clean glass coverslips;(b),(d), 
(f),(g) are the XPS scan of thiol modified coverslips of elements carbon,oxygen, silicon 
and sulfur respectively. 
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(c)                                                                     (d)  
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(i)                                                                          (j)                                                                            
Figure 19:XPS graphs of thiol modified and DNA- modified glass coverslips using 
0.05% by weight of WSP. In above figures, (a),(c),(e),(g) and(i) are XPS scans of thiol 
modified glass coverslips of elements carbon,oxygen,silicon, sulfur and nitrogen 
respectively;(b),(d),(f),(h) are the XPS scan of DNA modified coverslips of elements 
in the same order as mentioned earlier.  
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    (i)                                                                      (j) 
Figure 20:XPS graphs of thiol modified and DNA- modified glass coverslips without 
WSP. In above figures, (a),(c),(e),(g) and(i) are XPS scans of thiol modified glass 
coverslips of elements carbon,oxygen,silicon, sulfur and nitrogen 
respectively;(b),(d),(f),(h) are the XPS scan of DNA modified coverslips of elements 
in the same order as mentioned earlier. 
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